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ABSTRACT

Three-dimensional in vitro tissue test systems are employed to examine cell behavior, test
responses to drugs and vaccines, and answer basic biological questions. These systems are more
physiologically relevant than two-dimensional cell cultures, and are more relevant, easier and
less expensive to maintain than animal models. However, methods used to measure cell
behavior and viability have been developed specifically for two-dimensional cell cultures or
animal models, and are often not optimally translated to three-dimensional in vitro test systems.
The purpose of this work was to aid in the development of three-dimensional, spatially
controlled in vitro test systems, and to develop the corresponding quantitative, spatial
measurement methods of cell behavior and viability.
Optical widefield microscopy was selected as a measurement tool because of its ease of
use, wide availability, and inherent large-scale spatial measurement capacity. Digital image
analysis and processing were used to collect quantitative data. Fluorescent cellular labels were
examined for use in spatial, quantitative imaging, and methods were developed to quantify cell
location, morphology, and viability from either fluorescent or phase contrast images.
Maintenance of oxygen supply to cells is integral in a tissue engineered construct and in
3D in vitro test systems. Cells in the body are supplied oxygen by the vasculature, but in tissue
engineered constructs, cells must be supported by oxygen diffusion alone. In addition to tracking
cellular behavior, microscope digital image processing was used in conjunction with fluorescent
oxygen-sensitive nanoparticles for the quantitative, spatial measurement of oxygen in a 3D in
vitro test system. These methods were used to confirm the presence of oxygen gradients that
occur in 3D cell cultures due to cellular oxygen consumption. Artifacts that impede quantitative
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fluorescence imaging were identified, and fluorescence ratio imaging was used to minimize
artifacts and facilitate quantitative oxygen measurement.
In follow-up work, methods were developed to allow sterile microscope imaging and
culture of cells in a 3D tissue engineered construct; the setup allowed spatial control of oxygen
delivery to approximate oxygenation via vasculature in the body. An oxygen-gradient bioreactor
was developed and imaging techniques were used to show that culture medium perfusion rates
can be used to control the rate of distribution of a factor or gas, such as oxygen, throughout a
tissue engineered construct.
Lastly, a 3D in vitro hydrogel test system with modular substrate stiffness was created
and assessed using quantitative cellular imaging methods to examine cancer development.
Cancer cell behavior has been shown to be strongly correlated to local stiffness variations in the
extracellular matrix; however, this relationship is not well understood. Human breast cancer
cells were cultured on hydrogel substrates of varying mechanical properties, and quantitative
imaging and metabolic activity assays were used to examine cell behavior and viability. Phase
contrast microscopy imaging and image processing were conducted to allow quantitative
measurement of cell morphology. Mathematical modeling work performed by collaborators
indicated both temporal and substrate-stiffness based effects on cancer cell colony size, number,
and shape (perimeter). Continuing this work, hydrogel test systems with a spatial stiffness
gradient were produced. Imaging methods were used to provide large-scale, quantitative
measurement of cell density to estimate cell migration and growth as a function of both time and
position on these spatially non-uniform substrates.
This research facilitated the development of methods for spatially controlling the
mechanical properties of 3D tissue test systems as well as methods for spatial, quantitative
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measurement of cellular position, growth, and morphology. An oxygen gradient bioreactor was
also designed and tested to simulate a more physiologically representative environment. The end
goal of this research is to aid in the understanding of cancer development by creating robust,
controllable cancer test systems that can be used to expose cells to predefined conditions and
quantitatively measure resulting cellular behavior.
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PREFACE

Conventional two-dimensional (2D) cell cultures have been shown to be inadequate for
prediction of cell behavior in the three-dimensional (3D) environment in vivo, whether
considering the assessment of cell-cell interactions, drug effects, cancer development, or cell
migration. While animal models provide a robust 3D environment, they also introduce high cost
and ethical concerns and do not allow stringent control and isolation of variables; often data
derived from animal testing cannot be easily extrapolated to the human condition. Threedimensional in vitro test systems are becoming more popular, both to increase the relevance to
the in vivo conditions and to allow specialized control of the microenvironment to address
specific questions. However, in vitro cell culture tests are often designed for 2D, spatially
uniform systems and could be improved for use in 3D, spatially inhomogeneous systems.
Spatial measurement and control of oxygenation is important in an in vitro test system for
multiple reasons. A linear oxygen gradient naturally occurs in tissue engineering constructs,
from the oxygen-rich periphery of the device to the diffusion-limited interior. This limitation is a
significant impairment to the clinical success of tissue engineered devices. Additionally, hypoxia
has been correlated with increased tumorigenesis in cancer, but the cause of this correlation is
not clear. Hence spatial oxygen measurement and control is important in the development of
physiologically relevant in vitro cancer test systems, both for tissue engineering hypoxia and for
cancer development. The purpose of the work described in this dissertation was to develop
spatial measurement methods for use in 3D in vitro tissue engineering test systems.
Oxygen measurement, performed using fluorescent oxygen sensitive nanoparticles, was
quantified using image processing techniques to eliminate widefield microscopy artifacts. Next,
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a hypoxic model system was created, in which a one-dimensional linear oxygen gradient was
developed by cellular oxygen consumption. Oxygen nanosensors and image processing
techniques were used to monitor this test system. These techniques allowed the production of a
large-scale linear oxygen gradient as well as the quantitative measurement of a high-resolution
oxygen concentration gradient. Finally, an oxygen-gradient bioreactor, allowing improved
control over spatial oxygen via perfusion, was developed. Tests were performed to confirm the
production of a perfusion gradient.
Image processing techniques were subsequently developed to collect quantitative, spatial
measurements of cell location and morphology. The migratory capacity of cancer cells has been
strongly correlated to the severity of cancer, but the factors that influence cancer cell migration
are numerous and not well understood. This work focused on substrate stiffness, which is known
to often be higher in regions of aggressive tumors. Cancer cells were seeded on composite
hydrogels of varying stiffnesses. Phase contrast imaging was performed and image processing
techniques were developed to allow spatial, quantitative measurement of cell morphology and
position. Mathematical modeling was conducted by University of North Carolina collaborators
and indicated both temporal and substrate stiffness-based effects on cancer cell colony size,
number, and shape. Next, fluorescent dyes were examined for improve imaging contrast;
however, all dyes examined were insufficient due to diminished visualization within a rapidlydividing cell population or high background fluorescence with dye accumulation within the
substrate hydrogel. Cancer cells transfected to express a fluorescent protein were provided and
shown to be functional for long-term imaging with rapidly dividing cells.
This dissertation is divided into six chapters, where the first chapter provides an
introduction to the need for and current state of non-invasive assessment of 3D test systems. The
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optimization and use of oxygen sensitive nanoparticles for quantitative, spatial measurement is
discussed in Chapter 2. Development of the hypoxic model and oxygen-gradient bioreactor
system is discussed in Chapter 3. Fluorescent labels for quantitative, long-term imaging of
rapidly dividing cells, such as cancer cells, is discussed in Chapter 4. The application of
quantitative imaging techniques to assess cancer cell response to substrate stiffness is described
in Chapter 5. The development of an in vitro cancer test system with quantitative, spatial
imaging is discussed in Chapter 6.The experiments presented in this dissertation serve as
preliminary work to guide the development of spatially controlled 3D tissue test systems and of
the related quantitative optical measurement methods.
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CHAPTER 1
LITERATURE REVIEW

Background
Development of drugs, cell-based therapies, and tissue engineered devices
generally involves a basic functionality or toxicity examination in two-dimensional (2D)
cell culture followed by animal testing to determine systemic effects. Both 2D cell
cultures and in vivo animal studies have drawbacks with respect to studying the effects of
new treatments. Two-dimensional cultures of cells often behave significantly differently
than three-dimensional (3D) cultures due to cell-extracellular matrix (ECM) interactions,
nutrient gradients, and mechanical structure effects, which are different in 3D vs. 2D
cultures[1]. Indeed, two-dimensional cultures have been shown to provide poor
indication of cell behavior in vivo, where three-dimensional models often more accurately
simulate natural conditions [1,2]. Animal models, on the other hand, introduce ethical
concerns and are not amenable to high-throughput research due to time and cost; often
the results from animal testing cannot be readily extrapolated to the human condition.
Furthermore, animal models can introduce high variability and it can be difficult or
impossible to control the native cellular environment to truly isolate individual
parameters [1,3]. This gap between 2D cultures and in vivo models could be bridged by
three-dimensional tissue engineered test systems. Such systems could be formed by
microfabrication techniques to allow specific control of matrix parameters (such as ligand
density, mechanical stiffness, and cell placement) and even to create a heterogeneous
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matrix designed to simulate a non-uniform tissue [3]. The toolkit for biological
measurement, however, is primarily limited to methods optimized for use with 2D cell
cultures or animal models, and these methods are not exceptionally applicable to 3D
tissue engineered systems. Three important criterion have been defined for 3D tissue test
systems measurement methods. The method must be quantitative in order to be
functional within a precisely controlled, microfabricated 3D system with known
parameters. Spatial measurement is integral when working with a heterogeneous system
in which parameters vary spatially. Finally, non-invasive measurement is important
because the logistical difficulty of producing and maintaining a large number of
microfabricated 3D constructs limits sample numbers, making non-destructive testing
vital.

Quantitative, Spatial, and Non-Destructive Imaging
While many spatial measurement methods exist, there are associated drawbacks
with each. Histological processing of tissue samples introduces artifacts and is an
endpoint method, since it requires destruction or permanent alteration of the sample. The
destructive aspect of the method increases the sample number requirement and decreases
the statistical power for temporal measurements. Many cellular activity assays (e.g.
metabolism, viability,) are non-toxic for repeated use, highly sensitive, and quantitative,
but are not readily amenable to spatial measurements. For example, polymerase chain
reaction (PCR) and western blot offer high sensitivity for measurement of gene
expression and protein production, but require destruction of the sample and provide no
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spatial data. Many assay kits or reagents are designed for endpoint use (e.g. Live/Dead®
cell viability assay, Pico Green®), or are designed for use with standard cell culture plate
readers and are quantitative but provide bulk and not spatial measurements (e.g. Alamar
Blue®). Physical probes can be used for measurement of some parameters, such as
mechanical properties (e.g. measured with atomic force microscopy (AFM)),
temperature, pH, glucose, oxygen, and others. However, large physical probes may
damage the sample, either influencing the measured parameter (such as oxygen probes)
or at least rendering the sample unusable for temporal measurements (e.g. mechanical
testing probes that damage the sample). Some physical probes may require a special
measurement environment which can also render samples unusable following
measurement (e.g. a non-sterile environment).
Optical measurements were selected for their spatial and temporal non-destructive
measurement capacity of sterile samples. Optical measurements within cell culture
include but are not limited to basic widefield microscopy, fluorescence microscopy,
fluorescence lifetime imaging (FLIM), confocal microscopy, and multi-photon
microscopy. In general, these techniques are technically simple (with the exception of
FLIM), inherently non-invasive, with spatial resolution and varying capacity to obtain
quantitative measurements. Collection of digital optical images is generally
straightforward, though quantitative data analysis of images may not be.
Widefield microscopy is a standard method of optical measurement which is
simple, readily available, and easy to use for spatial, temporal, and non destructive
measurement. Phase contrast and differential interference contrast (DIC) imaging can be
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used to improve the contrast of cells. However, in general, these methods are not
quantitative because cells are difficult to isolate from the background for quantitative
image processing. Furthermore, most colored dyes which can be applied to cells to stain
specific intracellular molecules require histological preparation of the sample, eliminating
the possibility for temporal measurement. Nonetheless, quantitative measurement is
possible, but heavily dependent on sample optical properties and often complex image
processing algorithms to detect cell morphological features. When quantitative imagingis
done, however, phase contrast or DIC can provide useful information about cell
morphology, since many fluorescence dyes will only label part of a cell, making wholecell morphological measurement difficult [4]. When sample optical properties make
phase contrast / DIC imaging infeasible, or when cell morphological parameters are not
sufficient information, however, fluorescence microscopy is often a preferred choice.
Fluorescence microscopy allows high specificity, has generally low equipment and
sample preparation requirements, and can easily be used for spatial and temporal imaging
[4-6]. Often, a standard set of fluorophores (for example Rhodamine, Fluorescein) are
conjugated with other molecules to provide sensing capability – this simplifies most
fluorescence microscopy work by allowing it to be conducted with a standard set of
excitation and emission filters [7]. Digital images collected via fluorescence microscopy
are generally used in a qualitative manner, but quantitative data is possible to collect.
However, there are some drawbacks to widefield fluorescence microscopy for
quantitative measurement. Signal-to-nose ratio will inherently be high due to illuminated
but out of focus material above or below the focal plane [6] - this effect can decrease
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contrast and make image processing techniques for quantitative data analysis more
involved and/or less accurate. Image analyis can also be limited without image
processing sofware expertise. Digital image processing techniques are generally
necessary for quantitative fluorescence imaging though, both to reduce human bias and to
allow automation of the sometimes tedious procedures needed to collect meaningful data
from digital images [5,6].
Quantitative data collection via widefield fluorescence microscopy can be difficult
because, in addition to fluorophore sensitivity for the desired parameter, many hard-toisolate parameters may influence the fluorescence intensity of a sample or region of a
sample. Some examples of these sources of errors include inhomogeneous concentration
of fluorophore, photobleaching, non-uniformity in illumination intensity and detector
sensensity [8]. Two methods for reducing or eliminating quantification errors caused by
these sources are fluorescence ratio imaging and FLIM. Fluorescence ratio imaging is a
simple method whereby the fluorescence intensity from the desired fluorophore is
normalized against another fluorophore. For specific applications, fluorescence intensity
can be quantified using only a single fluorophore when that fluorophore undergoes a
stimuli-sensitive spectral shift (for example, acridine orange undergoes an emission
maxima spectral shift towards red as pH decreases) [8]. It is important to note that
photobleaching must be minimized in ratio fluorescence imaging if the two fluorophores
do not share the same photobleaching rate.
FLIM is frequently used as a quantitative alternative to fluorescence emission
intensity measurements. Lifetime measurements avoid the issue of sorting signal from
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background noise light (e.g. illumination source, uneven fluorophore concentration
effects, etc). Lifetime measurements are based on the principle that fluorescence decay
time is proportional to intensity. This is represented in the modified Stern-Volmer
equation:
I0/Ie = τ0/τe = 1 + k∙Q[9]
In this equation, I0 and τ0 are the fluorescence intensity and decay time,
respectively, at zero oxygen, and Ie and τe are the intensity and decay time, respectively,
at the experimental concentration of the sensed molecule (Q). The quenching constant, k,
is empirically determined. The fluorescence decay measurement method requires either a
very fast pulsed light source and a gated detector (e.g. CCD camera or photomultiplier
tube) for time-domain measurement, or a modulated light source and detector for
frequency-domain measurement. Fluorescence decay time for typical fluorophores may
range from tens of picoseconds to a few nanoseconds – any pulsed light source and gated
detector must be able to at least match this rate [10, 11]. Additionally, quenching can be
based on phosphorescence, and since phosphors have longer emission durations than
fluorophores, they are preferable for decay time measurements [12, 13]. One downside
of FLIM is cost – the pulsed light sources in the tens of nanoseconds range needed to
exceed the decay times of fluorophores necessitate expensive equipment. If
phosphorescence is used instead, decay time is increased, to the order of microseconds,
which helps reduce the cost [14]. Nonetheless, setup and use of FLIM requires a wealth
of expertise and equipment [4], and even more specialized systems are needed to collect
macro-scale spatial data.
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Confocal microscopy is a fluorescence imaging method which allows collection
of high resolution spatial data with a much higher signal to noise ratio than widefield
fluorescence imaging [6]. Furthermore, confocal microscopy can easily be used to
collect 3D images. Background noise in confocal microscopy is significantly reduced by
blocking out-of-focus light from returning to the detector by using a small pinhole. In
laser scanning confocal microscopy, the excitation light eminated from a laser, the beam
from which is scanned across the sample surface, minimizing the exposure of any given
area of the sample to light, thus also minimizing photobleaching [7]. However, confocal
microscopy does have limitations. Because the laser beam is scanned across the surface
of the sample, data collection time for even a small region can take several minutes or
more for a single horizontal plane, making temporal imaging difficult. This time can be
reduced by employing spinning disk (a.k.a. Nipkow disk) confocal microscopy [6]. In
spinning disk microscopy, the laser illuminator is replaced with a widefield fluorescent
illuminator and a standard charge-coupled device (CCD) camera can be employed. A
pair of spinning disks with patterns of pinholes is then rotated across the light path such
that light from a given region of the sample only reaches the detector when a pinhole in
both disks simultaneously aligns with it [7]. Spinning disk confocal microscopy has
greatly improved image capture speed over the laser scanning method, since scanning is
not needed to image a large area [6, 7]. The disadvantage of this method is that the
majority of the incident light is blocked from the detector by the spinning disks, resulting
in a weak signal and necessitating strongly fluorescent fluorophores [7]. Finally, twophoton microscopy is an even more sensitive method than confocal microscopy. While
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confocal microscopy will eliminate background light adjacent to the region of the sample
exposed to the detector, two-photon microscopy will also eliminate background light
immediately above and below the focal point. The light is eliminated by using lowpower lasers with insufficient energy to independently excite a fluorophore, but sufficient
energy to do so when two photons simultaneously hit the same fluorophore. Because
background light is reduced and a pinhole is not needed, more light reaches the detector
than in confocal microscopy, allowing a greater imaging depth. Nonetheless, even with
two-photon microscopy under ideal conditions (including an optically clear sample with a
strongly-fluorescing fluorophore), imaging depth is generally limited to 1mm or less.
Additionally, two-photon microscopy may be prohibitively expensive [7].
In summary, widefield imaging techniques are highly amenable to spatial,
temporal, and non-invasive imaging due to their high specificity, ease of use, and
availability. While confocal and two-photon microscopy and FLIM offer many technical
advantages, they also require increased levels of expertise and equipment, and are
generally not significantly better than widefield microscopy for macro-scale spatial
imaging

3D In Vitro Cancer Test System
Breast cancer is the most diagnosed and second most fatal form of cancer in
females [15]. In contrast to 2D in vitro cultures, three dimensional in vitro models allow
control both of ligand density and substrate stiffness, which are both important in
regulating tumorigenesis and cancer invasiveness [1, 16]. Additionally, three-
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dimensional systems allow the production of molecular gradients which cannot occur in
single-cell thickness 2D cultures [1]. The 'gold standard' for three-dimensional cancer
cell culture is a homogeneous cell suspension in a hydrogel matrix, such as Matrigel
(reconstituted basement membrane). However, such systems do not allow spatial
heterogeneity. A 3D heterogeneous system can be created using microfabrication
techniques to match precise anatomical structures. Microfabrication also allows the
construction of composite matrices – for example, a hydrogel matrix could include rigid
particles which allow the attachment of anchorage-dependent cells, which would
otherwise be inactive or necrotic in a mechanically weak, hydrogel environment [3].
Tumor invasiveness has been strongly tied to the migration of cancer cells into
healthy tissue [2, 17]. The survival rates for patients with malignant cancers up to one
year following diagnosis is lower than 50%. It has been shown that metastatic (and thus,
migratory) cancer cells are often more resilient to anti-cancer treatment than benign cells.
Many anti-cancer drugs, for example Vitaxim, Prinomastat, Endostatin, interfere with cell
migration, though it is not always known if migration-inhibition is primarily responsible
for the anti-cancer properties, or a parallel effect of the drug [2]. Understanding the
stimuli for cancer cell migration is integral in determining effective cancer treatments.
It has been observed that tumor cell ECM and that of nearby tissues have greater
stiffness than healthy tissue, however the cause and effect of these stiffness differences
are not completely understood [18]. Increased tumorigenicity, often measured in vitro by
the number [19-22], and size [20, 22] of colonies formed by cancer cells, is greater in stiff
ECM versus weaker ECM. It has been suggested that increased tissue stiffness is caused
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by an increase in collagen density [23-26]. Indeed, a reduction in collagen degradation
has been shown to increase collagen density and mammary tumorigenesis [24]. For
example, when collagen was crosslinked by LOX (lysyl oxidase), mammary tumors
increased metastasis in mice and increased invasiveness into collagen gels in vitro [25].
Other work has shown that LOX expression is increased in many types of tumors [27].
In two-dimensional cultures, surface stiffness influences cell morphology ('round' cells on
compliant surfaces and 'flattened' cells on stiff surfaces) [28], migration capacity
(indirectly, through cell-adhesion ligand density) [29], migration direction (toward a
higher surface stiffness [30]), migration speed [31], and cancer development [32].
Migration rate is greatest at intermediate cell-adhesion strength as compared to high
adhesion (in which very strong adhesion prevents polarized cell detachment from the
matrix for migration) and low adhesion (in which low cell traction forces minimize
movement), and at higher substrate stiffnesses. In three-dimensional matrices, however,
the relationship between ligand concentration and matrix stiffness, and cell migration, is
not as clearly understood. Ligand density influences the ability of cells to interact with
and migrate along a substrate, but it has been shown that small pores in a 3D matrix may
trap cells, allowing them to migrate only after they degrade parts of the matrix by
secreting matrix metalloproteinase (MMPs) [2,16]. However, cell migration through 3D
matrices in the absence of protease activity, called amoeboid migration, has also been
observed [2].
The complex tumor environment in vivo further complicates study of the effect of
substrate parameters, such as stiffness, on tumor invasiveness. For example, it has been
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shown that cancer cells may influence the migration and behavior of regional
mesenchymal stem cells MSCs [33], and additionally, that tumors in the presence of
MSCs may become increasingly aggressive [34, 35]. MSCs are adult stem cells isolated
from bone marrow that can differentiate into adipocytes, chondrocytes, osteoblasts, and
potentially other cells, given appropriate mechanical and chemical stimulation. MSC
migration to wound sites (such as tumors) and depression of immune response is
theorized to contribute to the increased aggressiveness of cancers. The behavior of MSCs
in a cancer setting is reviewed by Yagi and coworkers [33]. Specifically, tumors in the
presence of MSCs have been shown to become increasingly metastatic, demonstrating
behaviors such as down regulation of cell adhesion molecules (e.g. E-cadherin), reduction
in colony formation and dispersion from colonies to single cells, de-differentiation, and
increased migration [35]. These behavior modifications were shown to be specific to the
presence of MSCs and require direct cell-cell contact rather than input from soluble
factors [35]. These types of complex relations between cancer and non-cancerous cells
further support the need for a physiologically relevant, spatially controlled 3D in vitro
cancer test system.
Optical imaging of cancer cell migration and growth in a 3D test system is
beneficial in that it allows non-destructive, real-time measurement. Complex optical
methods can be used to provide excellent contrast and sensitivity, such as confocal and
multiphoton microscopy. However, these types of methods can be high cost and can
necessitate specialized expertise and sample preparation requirements. Additionally, the
size of regions which can be feasibly imaged are fairly small. Conversely, basic
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widefield microscopy can be used for quantitative measurements (the necessary image
analysis software is required) and large-scale imaging (low magnification, wide depth-offield optics and/or spatially sequential imaging and image stitching software is required).
Methods for quantitatively measuring cell migration and growth have already been
developed for both 2D and 3D in vitro systems [2]. Such methods for 2D measurements
include the collagen invasion assay, in which cells are seeded on top of a collagen gel and
vertical axis image stacks are collected to measure the depth of cell migration into the
gel. A two-dimensional migration ring assay could be used with optical techniques to
quantitatively measure cell migration within the horizontal plane. According to this
method, cells are grown in the center of a ring, and the ring is later removed to allow the
cells to migrate peripherally outward. This technique can be adopted as a 3D radial
migration assay. Cells can be cultured within a hydrogel disc surrounded by a hydrogel
ring, allowing the observation of migration outward. In both 2D or 3D systems, phase
contrast or fluorescence microscopy can be used to facilitate rapid, non-invasive image
analysis-based cell growth and migration measurements.

Tissue Engineering Hypoxia
Cellular tissue engineering has facilitated limited repair of skin [36, 37], bladder
[38], and cartilage [39-41], and encapsulation (for immunological protection) of
transplanted pancreatic islet cells for treatment of diabetes [39] – all are thin and/or lowmetabolism tissues. However, the initial promises of tissue engineering since its
inception roughly 20 years ago [39], such as bulk replacement of damaged organs and
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regeneration of tissues like bone, liver, muscle, and kidney, remain unmet. The limited
realization is due, in part, to the absence of functional vasculature in tissue engineered
scaffolds. Without a functional blood supply, cells within a scaffold are dependent on
diffusion to supply nutrients, such as oxygen. Physiologically, oxygen diffusion only
supports cells over distances of a few hundred micrometers or less [12, 42, 43]. Hypoxia,
or cellular oxygen deprivation, is considered one of the most significant current
challenges to the success of tissue engineering. During normal tissue development,
growth, and repair, the vascular system is concurrently generated. In order for cellular
tissue engineered constructs to be successful, they must include a method of delivering
nutrients to cells. With few exceptions, cells are located less than approximately 50-100
µm from the nearest blood capillary vessels. Cells farther than that distance from any
vasculature experience hypoxia [42, 44-47]. The volume limitation of cellular bioengineered tissue becomes critical when applications in larger mammals (e.g. humans)
are considered. For example, whereas bioartificial pancreas devices implanted in mice
were successful, scaled-up versions failed in larger animals due to cell necrosis in the
center of the implants [48]. Hypoxia is rarely a concern in two-dimensional (2D) cell
culture, where cells exist in a monolayer in direct contact with oxygenated medium.
However, in the design of 3D in vitro tissue engineering test systems, ensuring sufficient
oxygen supply to cells is integral.
A significant portion of current tissue engineering effort is focused on increasing
the cell viability within large scaffolds by scaffold preconditioning prior to implantation.
Indeed preconditioning has been attempted by temporary implantation around the arterio-
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venous circuit of an animal model (termed AV loop) [49-51] and by successive
implantations of thin scaffold sheets to allow progressive vascularization [52, 53]. In
vitro tools, such as perfusion bioreactors [54, 55], have also been used to improve oxygen
transport via convection, but while these tools improve viable cell density, they have not
yet resulted in the production of functional blood vessel networks [56].
However, prevascularized scaffolds also have inherent disadvantages.
Prevascularized scaffolds often require a lengthy in vitro or in vivo culture period to
develop a vascular network or increase cell density before implantation or
transplantation. Further prevascularization may be unnecessary for specific tissue types
(such as ligaments and cartilage) that contain minimal or no vascular network in the
native tissue. Additionally, scaffolds slated for prevascularization are typically preformed, porous scaffolds (such as foams or meshes). Due to their 3D structure and
anhydrous nature, the loading of cells into these scaffolds generally results in a nonuniform cell distribution with the majority of cells being located near the scaffold surface
or in larger pores [57]. These scaffolds are generally water insoluble and they must be
processed under conditions that may necessitate the application of harmful biological
solvents that interfere with the incorporation of cells or biomolecules [57-59]. The
hydrolysis of some implanted scaffold materials, such as polylactide and polyglycolide,
generate acidic byproducts that promote inflammation [59, 60]. An injectable material
that is not pre-formed is a simpler, more desirable alternative which can be prepared
without an in vitro growth phase and implanted with minimal surgical intervention.
Injectable, bulk tissue engineered scaffolds meet these desirable criteria. These scaffolds
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can be readily manufactured using hydrogels – materials composed of linked, polymer
chains that absorb a high degree of water [42, 43] – and can be designed as injectable low
viscosity liquids that will form higher viscosity, often crosslinked scaffolds following
implantation.
As previously described, the requirements for a non-invasive, spatial, and
quantitative measurement system may be best met by optical imaging – this is true in the
measurement of hypoxia (oxygen). Non-optical methods for oxygen measurement exist,
but are non-ideal for spatial and temporal measurements for a few reasons. The
polarographic electrode (a.k.a. Clark electrode) is a standard oxygen probe, which
functions by the platinum-catalyzed reduction of dissolved oxygen, producing a current
proportional to the oxygen concentration. Small diameter oxygen microelectrodes have
frequently been used for high resolution oxygen imaging, for example, within blood
vessels. Oxygen microelectrodes have the advantages of being simple to operate, readily
available, and relatively inexpensive. Micron-sized polarographic electrodes are small
enough to be used for very exact spatial measurements, provided sufficient
micromanipulation and visualization is available [61-63]. However, there are a few
disadvantages to the use of polarographic electrodes in practice. The electrodes reduce
oxygen and can, in low sample volumes, have a significant effect on the measured
oxygen content. Even in a large or oxygen-replenished sample volume, solution stirring
is required to prevent a localized, reduced oxygen region from developing around the
sensor tip and providing erroneous readings. Stirring is not be possible, however, within
a tissue engineered 3D matrix. Because oxygen electrodes are point sensors,
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simultaneous large-scale, high resolution, and non-destructive measurement is not
feasible. Oxygen electrodes can also be susceptible to rapid sensitivity drift,
necessitating frequent recalibration [61, 63, 64]. The drift can be an issue during longterm measurements or even during intermittent measurements where a high number of
samples are taken.
Fluorescent and phosphorescent quenching, another method frequently used for
oxygen measurement, is based on the use of a material that is excited and emits
fluorescent light such that the emission is quenched by oxygen in a concentrationdependent manner. This detection method does not consume O2 and can increase in
sensitivity as O2 concentration decreases; emission intensity is inversely proportional to
concentration, which is ideal for measuring the hypoxic oxygen levels that may be
encountered in tissue engineering [64, 65]. Oxygen-dependent fluorescence quenching
can be based on fluorescence or phosphorescence, and can be measured by light
absorption or decay time [12, 64, 66]. Oxygen-dependent fluorescent (or
phosphorescent) quenching measurement probes have many different forms, and thus can
be used for a wide variety of applications. Fiber optic probes, often called optodes (e.g.
Ocean Optics, Instech, PreSens), are functionally similar to polarographic oxygen
electrodes. Since these probes are only point sensors, they must be combined with a
micromanipulator if two- or three-dimensional measurement is desired. Several studies
have employed oxygen-sensitive spots or foils for two-dimensional oxygen
measurements [12,14, 67]. The foils consist of a thin oxygen-sensitive layer adhered to a
two-dimensional surface that is excited with fluorescent light from an external source.
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This arrangement allows collection of oxygen partial pressure data within the plane of the
oxygen-sensitive film, though gradients along the perpendicular axis cannot be resolved.
Oxygen-sensitive fluorescence quenching materials can also be prepared in particle form,
to be suspended or dissolved in solution. The concept of oxygen measurement has
potential for a wide variety of applications [68-71]. Foils and particle dispersions may be
advantageous over point optodes and polarographic microelectrodes in that the sample is
not damaged (i.e. due to insertion of the probe) during measurement, and thus can
theoretically be used for repeated non-destructive measurements of the same sample.
Particle dispersions could potentially be used for non-destructive three-dimensional
measurement via confocal or multi-photon microscopy.
The objective of the work described in this dissertation was to aid in the
development of a 3D breast cancer tissue engineering test system by defining noninvasive, quantitative, spatial measurement methods to correlate substrate parameters
(such as stiffness) to cancer cell behavior. Specifically, the intent was to allow repeatable
measurement of cell health and viability via computer-aided cell morphological
assessment and/or biomolecule-based fluorescence tagging and spatial imaging. The
work involved developing a 3D biomaterial model with a spatial stiffness gradient to
simulate a region of cancer tissue within a bed of healthy tissue.
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CHAPTER 2
SPATIAL, QUANTITATIVE MEASUREMENT OF OXYGEN USING
FLUORESCENT OXYGEN SENSORS AND WIDEFIELD MICROSCOPY

Background
Oxygen measurement of 3D tissue engineered constructs necessitates nondestructive, spatially sensitive methods. Dissolved, fluorescent oxygen sensors are
advantageous over point sensors due to their capacity for high resolution, spatial imaging
[1-3]. Oxygen-sensitive nanoparticles were provided by Dr. Jason McNeill (Chemistry
Department) at Clemson University to meet the research aims of spatial, quantitative, and
non-invasive measurement. The oxygen sensor nanoparticles have both a porphyrinbased oxygen sensitive moiety and an oxygen-insensitive moiety for ratiometric imaging.
These sensors exhibit oxygen-dependent fluorescence quenching. That is, their
fluorescence is quenched in the presence of oxygen in a concentration-dependent manner.
This means that lower oxygen concentrations will cause the sensors to fluoresce more
strongly, making them ideal for hypoxia measurements, where low oxygen measurement
sensitivity is more important than sensitivity at high oxygen concentrations. Additional
details and regarding the chemistry of the oxygen sensors can be found in the literature
[4, 5].
In order to quantify fluorescence intensity data, it is necessary to reduce or
remove artifact caused by uneven illumination intensity produced by the fluorescent light
source, as well as by any inhomogeneities present within the sample [6]. Conversion of
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fluorescence signals to absolute oxygen concentration is crucial for quantitative, spatial
imaging with fluorescent nanosensors. Fluorescence ratio imaging is an established
method for macro-scale, spatial, quantitative measurement from fluorescence intensity.
In this method [6], the emission of a fluorophore which is sensitive to a desired parameter
is normalized against another fluorophore which is not sensitive to that parameter.
Quantitative measurement of pO2 for fluorescence quenching sensors can be derived
from the Stern-Volmer model:

[7]
The Stern-Volmer equation models solute-dependent fluorescence quenching. IR
and IR,0 are the ratios of intensities between the oxygen sensor emission and the reference
emission at the oxygen concentration [O2], and at zero oxygen respectively. KSV is the
Stern-Volmer quenching constant and is dependent on properties of the sensor and the
substrate. The objective of this work was to develop methods for quantitative
fluorescence microscope measurement of oxygen using nanosensors and fluorescence
ratio imaging.

Methods
Cytotoxicity testing of oxygen sensors
Oxygen sensitive nanoparticles were provided in solution at 5ppm. Two
nanoparticle sensor sizes were tested to assess the effect of nanoparticle size on cellular
toxicity. It was expected that the small sensors (~30nm) might pass more readily through
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a cell membrane, possibly causing a cytotoxic effect. Large sensors (~200nm) were
expected to be less cytotoxic, but would likely also have a slower response time to
changes in oxygenation. Murine 3T3 fibroblasts cells (ATCC, Manassas, VA) were
seeded at a concentration of 25,000 cells per well into 24-well tissue culture treated
polystyrene cell culture plates (Costar, Lowell, MA) in 500μL Dulbecco's Modified Eagle
Medium (high glucose DMEM from Gibco, Langley, OK) supplemented with 10% fetal
bovine serum (Mediatech Cellgro, Manassas, VA) at 50mL per 500mL, fungizone
(Gibco) at 1mL per 500mL, and antibiotic-antimycotic (Gibco) at 5mL per 500mL. Cells
were incubated overnight at 37oC and 5% CO2. Subsequently, the culture medium was
aspirated and replaced with a 500μL mixture of concentrated DMEM from a powder mix
(Gibco) and oxygen sensors, to bring the final DMEM concentration to normal (1X).
Medium was not replaced or added during the remainder of the 3 day study. Samples
were prepared in triplicate and cultured for 3 days to assess toxicity. The sample groups
are detailed below in Table 2.1.
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Group

Sensor
concentration
(ppm)

Sensor size

E1L

4 Large (~200nm)

E2L

2.5 Large (~200nm)

E3L

1.67 Large (~200nm)

E4L

0.25 Large (~200nm)

E1S

4 Small (~30nm)

E2S

2.5 Small (~30nm)

E3S

1.67 Small (~30nm)

E4S

0.25 Small (~30nm)

Negative Control (NC)

0 None

Positive Control (PC)

0 None

Table 2.1. Sample groups for oxygen-sensitive nanoparticle cytotoxicity testing.
Negative control consisted of cells cultured without oxygen sensors. Positive control
consisted of cells cultured without oxygen sensors and lysed immediately prior to
measurement.
Light microscope imaging was performed daily using an inverted widefield
microscope (Axiovert 135, Zeiss, New York City, NY) with color CCD camera (Jenoptik
ProgRes C10plus, Jenoptik, Jena, Germany) for qualitative assessment of toxicity. A
Live/Dead® assay (cat# L3224, Invitrogen, Carlsbad, CA) was applied at the final
timepoint (Day 3) for fluorescent imaging. Medium samples (50μL) were taken daily for
cell death assessment via lactate dehydrogenase (LDH) assay (CytoTox 96 NonRadioactive Cytotoxicity Assay, Promega, Madison, WI). Immediately prior to each
daily measurement, Triton X-100 (Shelton Scientific, Shelton, CT) was added to medium
at a final concentration of 2% v/v to lyse cells in positive control samples for LDH
measurement. Negative control samples were cultured in the absence of oxygen-sensitive
nanoparticles. LDH was measured via plate reader spectroscopy (μQuant, Bio-Tek
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Instruments, Winooski, VT) at 490nm and was assessed (note that no control samples
were used to provide an absolute cell count).

Quantitative widefield fluorescence microscopy and spatial oxygen imaging
Image processing techniques were used to minimize artifacts in digital
fluorescence microscopy images in order to allow quantitative, spatial measurement of
oxygen by fluorescent nanosensors. Murine fibroblast cells (3T3) were mixed with
oxygen-sensitive nanoparticles and a tetramethylrhodamine (TMR) fluorescent labeled
dextran in 2% w/v agarose, and loaded into rectangular cross-section capillary tubes.
Agarose powder (type VII-A, low gelling temperature, Sigma Aldrich, St. Louis, MO)
was autoclaved at 121°C and then dissolved in DMEM at 60°C, then cooled to 37°C in a
water bath. Cells, oxygen-sensitive nanoparticles, TMR-dextran (40k MW, cat# D1842,
Invitrogen, Carlsbad, CA), and agarose were mixed, using 15% volume oxygen-sensitive
nanoparticles (0.75 ppm final concentration) and 0.625μg/mL TMR-dextran. The
mixture was loaded into capillary tubes (0.4 x 4mm cross section, Fiber Optic Center,
New Bedford, MA) by capillary action and allowed to solidify at room temperature.
Subsequently the bottoms of the capillary tubes were capped with clay (Play-Doh,
Hasbro, Pawtucket, RI) to restrict oxygen access to the top of the tubes. This sample
setup is shown in Figure 2.1. Samples were oriented vertically in a cell culture incubator
at 37°C and 5% CO2 for 24 hours and then imaged via fluorescence microscopy. Four
sample groups were used (n=2 each): (L) Low cell density – 5.5 x105 cells/mL; (H) High
cell density – 1x107 cells/mL; CZ – Zero O2 control – acellular sample, agarose was
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dissolved in a sodium sulfite-based zero-oxygen solution (Cole Parmer, Vernon Hills, IL).
In order to maintain the zero oxygen environment of the samples for imaging, zero
oxygen control samples were prepared immediately prior to imaging. Additionally, an
atmospheric O2 control was used. These consisted of an acellular agarose gel dissolved
in phosphate buffered saline (PBS, Sigma Aldrich).

Figure 2.1. Rectangular capillary tube with cells and nanoparticle oxygen sensors
embedded in agarose gel. The bottom (left side) of the capillary tube is capped with clay
to prevent oxygen entry, while the top (right side) is open to allow diffusion of oxygen
from the air, creating an oxygen gradient from the top to the bottom of the tube.
Microscope imaging, image processing, and analysis were performed to produce a
quantitative estimate of the oxygen gradient within the samples. Fluorescence images of
samples were taken at 1mm intervals along the gradient (long) axis of the samples using a
2.5x objective.
A fluorescence filter set was designed specifically for the unique fluorescence
spectra of the oxygen sensitive nanoparticles. This filter set consisted filters from
Chroma Technology Corp (Bellows Falls, VT) and Andover Corporation (Salem, NH) - a
365nm excitation filter (cat# D365/10X, Chroma), 600nm emission filter (600FH90,
Andover), and 400nm dichroic filter (400DCLP, Chroma). A standard rhodamine filter
set was used for the TMR-dextran reference imaging.
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Three data processing mechanisms tested for reduction of intensity quantification
artifacts, which can be caused by the fluorescent lamp and by sample inhomogeneities,
among other factors [6]. The three data processing methods are described in Table 2.2.
The control samples (Ca, atmospheric oxygen (160mmHg) control and Cz, zero oxygen
(0mmHg) control) were used a two-point calibration with the Stern Volmer model [7] to
find Ksv. Subsequently, the Ksv value was used to convert all ratio intensities in the
referenced measurement group (see Table 2.2) into absolute pO2 measurements.
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Processing
Method

Corrects for

Direct O2
intensity
measurement

N/A

Details




Referenced O2
intensity
measurement

Direct O2
intensity
measurement
with image
cropping

Sample
inhomogeneities
and uneven
lighting
intensity



Uneven lighting
intensity











Images stitched together to form single composite
image of entire sample.
Profile plotting used to quantify brightness along
gradient axis of sample (O2 sensor emission only).
Position (along gradient) plotted vs. intensity (from
profile plot).
Images stitched together to form single composite
image of entire sample (O2 sensors and TMRdextran reference emission).
Profile plotting used to quantify brightness along
gradient axis of sample (O2 and TMR reference).
Normalized intensity calculated as O2 / TMR
Position (along gradient) plotted vs. normalized
intensity (from profile plot)
Original images cropped along centermost 500 pixel
region* where intensity variation due to light source
is negligible (see Figure 2.6).
Images stitched together to form single composite
image of entire sample.
Profile plotting used to quantify brightness along
gradient. axis of sample (O2 sensor emission).
Position (along gradient) plotted vs. intensity (from
profile plot).

Table 2.2. Data processing methods used for quantification of spatial oxygen
concentration of experimental samples (cellular samples only, groups H and L). GIMP
open-source software with Pandora panorama plugin was used for image stitching.
ImageJ software (National Institutes of Health, U.S.) was used for intensity via profile
plotting function. *500 pixel region of direct O2 intensity measurement method was
calculated using the average peak intensity from three sample images (as shown in
Figure 2.6) as the center of the cropped region. The change in image intensity across
these peak 500 pixels was less than 5%, suggesting a region of relatively uniform lamp
intensity. Original image length (along gradient axis) was 2080 pixels.
Oxygen measurement in a bioreactor – proof of principle
Oxygen measurement via fluorescence microscopy was additionally tested within
a bioreactor chamber, with the objective of demonstrating the scale-up of imaging
methods to sample dimensions relevant to tissue engineering. The bioreactor used in this
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experiment was developed by Dr. David Orr [8] for his doctoral work at Clemson
University Bioengineering Department. Additionally, a fluorescent filter set customized
for the 'built in' reference fluorophore of the oxygen sensitive nanoparticles was used to
improve normalization. D1 murine mesenchymal stem cells (ATCC) were cast at 5x106
cells/mL into 50:50 volume ratio agarose:gelatin hydrogels. The 2% w/v agarose (type
VII-A low gelling temperature, Sigma Aldrich) was sterilized by autoclave and dissolved
in PBS (Sigma Aldrich). The 5% w/v gelatin (Type A from porcine skin, Sigma Aldrich)
was filter sterilized and dissolved in DMEM (Gibco). Additionally, a 15% volume (0.75
ppm) of oxygen-sensitive nanoparticles was included in the hydrogel suspension. The
hydrogel was cast into a cylindrical bioreactor chamber [8] shown in Figure 2.2.
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Figure 2.2. Aluminum bioreactor chamber developed for hydrostatic compression of
osteo-chondral tissue engineering scaffolds by Dr. David Orr [8]. Cylindrical chamber
is 8mm in diameter and 1.2cm deep, with 2mm perfusion access holes located 180° from
each other. Silicone gaskets were placed along the top and bottom surfaces and then
covered with glass cover slips to prevent diffusional access along the top and bottom of
the sample (not shown). The entire system was secured by 4 stainless steel bolts/nuts.
The hydrogel sample was exposed to culture medium only along the 2mm diffusion ports
on each side, permitting the creation of an oxygen gradient.
The bioreactor chamber with cellular hydrogel scaffold was immersed in DMEM
in a petri dish and incubated for 72 hours on a shaker plate (VWR, Radnor, PA) set at 100
oscillations/min. Following culture, a 2mm wide strip of the sample was imaged, from
one perfusion port to the other. Imaging was performed with a Zeiss Axiovert 135
inverted widefield microscope with a 5x objective and a color CCD camera (Jenoptik
ProgRes C10plus). Images were taken at 1mm intervals. Image stitching was completed
using GIMP software with Pandora panorama plugin, and ImageJ software was used for
image analysis. Both the oxygen-sensitive and oxygen-insensitive fluorescence
nanosensor emissions were imaged with the fluorescence filters listed in Table 2.3
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(Chroma Technology Corp., Bellows Falls, VT) and Andover (Andover Corporation,
Salem, NH).
Filter

O2 signal

Reference

Excitation

D365/10x

D365/10x

Emission

600FH90 (Andover) HQ440/40M

Dichroic
400DCLP
400DCLP
Table 2.3. Custom filter sets used for oxygen-sensitive nanoparticle imaging. Both the
oxygen-sensitive and insensitive components have similar excitation spectra so the
identical excitation filters and dichroic mirrors were used. All filter sets purchased from
Chroma, with the exception of the O2 signal emission filter, which was purchased from
Andover.
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Results
Cytotoxicity testing of oxygen sensors
Oxygen nanosensor cytotoxicity test results are shown in Figures 2.3, 2.4, and 2.5.

Figure 2.3. Relative LDH assay absorbance, values are averaged over three days. S =
small sensors, L = large sensors. Negative controls are samples without sensors and
positive controls are lysed samples without sensors in which all cells were lysed. While
data is shown for Day 3 only, the relative values are similar to data for Days 1 and 2.
Error bars represent one standard deviation (n=3).
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Figure 2.4. Live/Dead® assay showing live cell images at Day 3, 100x total
magnification. Cells in both large and small sensor groups reached confluence or nearconfluence by Day 3 in low concentration (1.67 and 0.25 ppm) groups. In higher
concentration groups (2.5 and 4 ppm), live cells were fewer and showed more rounded
morphology. Negative control group (not pictured) showed similar confluence to 1.67
and 0.25 ppm groups. Because of the cell lysis method used for the positive control
group, Live/Dead® assay was not performed.

Figure 2.5. Phase contrast microscope images of 1.67ppm sensor group cells at Day 3,
total magnification 320x. Cells exposed to large (L) sensors showed what appeared to be
large cytoplasmic vesicles which were not present within the small (S) sensor group. This
effect was not observed in the higher concentration (4 and 2.5 ppm) groups, which
contained primarily dead cells, or in the low concentration group (0.25ppm).
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Quantitative widefield fluorescence microscopy and spatial oxygen imaging
Multiple image processing methods were employed to minimize microscopy
artifact in quantitative fluorescence imaging. Non-uniform lighting from a fluorescence
microscope mercury lamp is depicted below, in Figure 2.6.

Figure 2.6. Example image demonstrating uneven illumination from Hg fluorescence
lamp. Image is a profile plot of a uniform sample, with the x-axis pixel position graphed
versus the average intensity along the y-axis at that position. Due to the mercury
fluorescence lamp, images are brighter near the center, which necessitates either a
reference fluorophore and/or image processing techniques to use only the center portion
of an image and reduce the uneven illumination effect. This example image is the
autofluorescence profile of a uniform hydrogel (agarose).

The spatial oxygen data collected from both the artifact correction image
processing procedures and the absolute measurement via the Stern-Volmer model are
shown in Figure 2.7.
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Figure 2.7. Spatial oxygen measurements along gradient axis as calculated by two image
processing methods for reducing artifacts (see Table 2.2) and absolute oxygen
measurement by Stern-Volmer model. Orientation of capillary tube sample is shown at
the top of the image for reference. H1 and H2 (red and blue curves) denote the two high
cell density samples, and L1 and L2 (green and yellow curves) denote the low cell density
samples. It should be noted that, for oxygen-dependent fluorescence quenching sensors,
emission intensity is inversely proportional to signal. Graphs in figure represent the
following: A) Referenced O2 correction image (O2 sensor / TMR intensity); B) Direct O2
intensity measurement (no correction); C) Direct O2 intensity measurement with image
cropping; D) Referenced O2 correction (O2 sensor / TMR intensity) with absolute pO2
calculation via Stern-Volmer model.
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Oxygen measurement in a bioreactor – proof of principle
Spatial oxygen measurements via oxygen nanosensors and fluorescence
microscopy in cellular bioreactor culture are shown in Figure 2.8.

Figure 2.8. Oxygen-sensitive and insensitive fluorescent emission data collected from
oxygen gradient cell culture. Bioreactor displayed in upper right corner denotes image
orientation. Signal intensity (oxygen-sensitive) shown in red (top), reference intensity
(oxygen-insensitive) in blue (middle), and ratio (signal / reference) in green (bottom).
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Discussion
Oxygen nanosensor cytotoxity test results demonstrated that both large and small
sensors were toxic to fibroblasts at high concentrations (4 and 2.5 ppm) but were nontoxic over 3 days of culture in low concentrations (1.67 and 0.25 ppm). Previous testing
has demonstrated that, when used in alginate hydrogels within cell culture well plates,
sensor concentrations as low as roughly 0.25 ppm are needed for sensor emission to
exceed background fluorescence using the available imaging equipment. This indicates
that the functional range of the sensors is within the non-toxic concentration range.
Small sensors were selected for future work for several reasons. First, it is expected that
larger sensors would have a slower response time, though this was not tested. Large
(~200nm) sensors were also observed to have a lower shelf life at room temperature than
small sensors (~30nm). Despite the similarities in toxicity between large and small
sensors, the large sensors had a significant effect on cell morphology, with cells exposed
to 1.67ppm concentrations of large sensors displaying what appeared to be large
cytoplasmic vesicles (see Figure 2.5). Nonetheless, cell viability was confirmed in these
samples via Live/Dead® assay. Other research has shown that cellular uptake of
nanoparticles is dependent on the size of the nanoparticles, among other parameters [9,
10].
Small (~30nm) oxygen sensitive nanoparticles were shown to be non-cytotoxic at
low concentrations sufficient for microscope imaging in hydrogels. Next, cells were
cultured with oxygen nanosensors in hydrogels loaded into capillary tubes with limited
diffusional oxygen access. This was expected to create an oxygen gradient along the
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length of the capillary tube due to cellular oxygen consumption. Data collected in this
experiment is shown in Figure 2.7. It should be noted that the position '0 mm' on each
sample (see Figure 2.7) is an arbitrary distance from the start of the sample (within the
region of the capillary tube to the left of the sample). Due to image characteristics, it was
difficult to precisely specify a sample origin (that is, the exact location of the 0mm point).
Additionally, since experimental methods did not allow control of sample length, and the
entire sample was measured, sample lengths are not equivalent between samples. Finally,
it should be noted that, for oxygen-dependent fluorescence quenching sensors, emission
intensity is inversely proportional to signal.
The images used to generate the data displayed in Figure 2.7 are a series of
adjacent software-overlapped individual images. The uncorrected data displayed in
Figure 2.7(B) demonstrates the need for correction of uneven illumination. All samples
show a regular intensity variation caused by the non-uniform Hg fluorescence lamp
emission. Image cropping reduces this uneven illumination artifact (Figure 2.7(C)) but a
regular pattern of smaller magnitude is still visible. Additionally, image cropping
removes significant amounts of image data, necessitating smaller step sizes for imaging
and increasing collection and processing load. Correction of lamp intensity by
normalization of the O2 signal against the TMR reference was successful as demonstrated
by the absence of a repeating intensity pattern (Figure 2.7A). Noise is also increased, but
this may be reduced by further refinement of an optimal reference fluorophore. While the
oxygen sensors employed in this study had a 'built in' reference fluorophore, suitable
fluorescence filters for the reference were unavailable at this time, so TMR-dextran was
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used instead. Subsequent testing with these oxygen-sensitive nanoparticles made use of
the 'built in' reference (see Figure 2.8). While absolute calculation of pO2 was possible
using the atmospheric and zero-oxygen reference groups (Ca and Cz respectively), this
calibration of oxygen sensor fluorescence was not ideal. Localization of sensors and
reference (TMR-dex) were assumed to be similar, but due to differences in size,
electrostatic interactions, etc. between the two, this assumption is not necessarily
accurate. Reference samples were independent experimental samples, so variation
between samples was not taken into account. References samples were assumed to have
uniform oxygen concentrations of 0 and 160mmHg, but equipment was not available to
confirm these numbers. Additionally, the low sample number (n=2) used in this
preliminary work does not allow statistical analysis. This method should be further
refined, since pO2 should never be higher than approximately 160mmHg (atmospheric
O2) in this experimental setup, though the data (see Figure 2.7D) indicates oxygen values
approaching 200mmHg for the low cell density group. Nonetheless, all image processing
and calculation methods show a stronger oxygen gradient in high cell density samples
than in low density ones, as expected. While the calibration accuracy was not confirmed,
the absolute data (Figure 2.7(D)) additionally suggest that high cell density cultures may
have become hypoxic within 5-10mm, while minimal oxygen decline is observed over
the entire length of low cell density cultures. This work demonstrates that the oxygensensitive nanoparticles can be used for quantitative, spatial measurement of oxygen
within hypoxia-relevant ranges. Both image cropping (i.e. selectively using only the
center portion of an image, which is generally uniformly illuminated) and reference
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normalization were successful in significantly reducing the uneven illumination artifact.
However, reference normalization is preferred both because of its improved effectiveness
and its potential to normalize inhomogeneities within the sample.
Cells were cultured in a hydrogel substrate in a bioreactor to demonstrate scale-up
of spatial oxygen measurement to a more physiologically relevant tissue test system.
This data (see Figure 2.8) further demonstrates the importance of reference correction in
removing uneven illumination artifact. Both the signal (red, top) and reference (blue,
middle) images in Figure 2.8 show obvious artifact (rapid changes in intensity) where
images were overlapped; however, this effect is reduced in the ratio image (green,
bottom). This data additionally demonstrates the importance of using reference
correction to reduce sample background inhomogeneities. Although an oxygen gradient
is expected with higher pO2 values near peripheral perfusion ports and lower oxygen
closer to the center of the sample, this trend is not readily observable in the signal image.
However, when the signal is normalized against the reference, an oxygen gradient trend
can be seen (recall, higher intensity is correlated to lower oxygenation). The increase in
background intensity at the periphery can mask intensity changes due to oxygen variation
and can be caused by uneven sensor distribution or spatially non-uniform hydrogel
properties.

Conclusions
This work demonstrated the applicability of oxygen-sensitive nanoparticles and
image processing methods for quantitative, spatial oxygen measurement. Sensor
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sensitivity is functional within physiological oxygenation ranges, from hypoxia to
normoxia. Image processing is necessary when using widefield fluorescence imaging, to
correct for both uneven illumination and sample inhomogeneities, such as scaffold
autofluorescence non-uniformity and sensor particle distribution non-uniformity.
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CHAPTER 3
DEVELOPMENT OF AN OXYGEN GRADIENT BIOREACTOR

Background
The objective of this work was to develop a 3D cell culture system to provide
simultaneous control and optical measurement of oxygen within a tissue engineered
system. Hypoxia poses a significant limitation to the in vivo success of large volume
cellular scaffolds [1, 2]. While standard in vitro culture conditions employ an
atmospheric oxygen environment (21% O2), in vivo oxygen levels are universally lower
and are dependent on the tissue site [3, 4]. Control of in vitro oxygenation conditions to
match expected physiologic values would be useful both for in vitro conditioning of a
pre-vascularized scaffold prior to implantation and for the study of injectable scaffolds in
a controlled in vitro environment. Spatial measurement of oxygen is also necessary, not
only to examine hypoxia in large volume tissue engineering scaffolds, but also to confirm
the functionality of spatial oxygen control mechanisms for an in vitro tissue engineered
test system.
Nutrients (such as glucose and oxygen) and cellular metabolic waste products
(such as lactic acid) will follow a concentration gradient determined by the spatial
delivery of nutrients and removal of wastes by nutrient-rich culture medium in a 3D in
vitro cellular test system. Widefield fluorescence microscopy has been used to estimate
the diffusion coefficient of a fluorescent molecule through a material [5, 6]. In this
method, developed by Dr. Mark W. Saltzman, a tissue engineering scaffold is inserted

47

into a thin capillary tube, and fluorescence microscopy is used to measure the intensity
gradient of a fluorescent material as it diffuses into the scaffold. The capillary tube
culture method permits simple measurement of one-dimensional nutrient gradients.
Custom-built gradient chambers allow additional controls over the generation of a
nutrient gradient [7, 8]. Unlike capillary tube models [5, 6] these chambers allow
significant control of specimen dimensions and nutrient accessibility of the scaffold.
Bioreactors are a preferred method for precise control of in vitro culture conditions and
nutrient delivery. Bioreactor types include stirred tank, hollow-fiber, perfusion, and
rotating-wall bioreactors. In a statically-cultured gradient chamber, cells in a scaffold
will rely on diffusion alone to control nutrient delivery, whereas bioreactors provide
additional user control through dynamic culture (e.g. medium perfusion rate or stirring
rate) [9, 10]. The goal of this work was to allow control over the production of a nutrient
gradient as well as to permit microscope stage imaging capacity, versatility in hydrogel
scaffold selection, and feasibility for long-term, sterile culture of cells.

Methods
Capillary Tube One-Dimensional Diffusion Measurement Method
Hydrogels (alginate or 1% w/v agarose) were loaded into 4 x 0.4mm cross section
rectangular capillary tubes (Fiber Optic Center, MA) by capillary action; agarose gels
were allowed to gel for 1 hour while alginate gels were maintained overnight. Alginate
gels were formed by mixing alginate (Fluka BioChemika; Buchs, Switzerland) solution
with 0.05M CaCO3 (Acros Organics; Morris Plains, NJ), and 0.1M glucono-d-lactone
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(gdl) (Acros Organics) to form a slowly forming gel. Alginate was either 0.5% or 2%
w/v and high viscosity or low viscosity. Agarose type VII-A, low gelling temperature
(Sigma Aldrich; St. Louis, MO), was melted in a microwave oven before loading into
capillary tubes. After solidification of the gel, a recess of approximately 15µL was
carved out of the end of the hydrogel with a length of small-gauge steel wire, and a
solution of 70kDa FTIC-labeled dextran (Invitrogen; Carlsbad, California) was injected.
The bottom was then capped with clay (Play-Doh; Hasbro, Pawtucket, RI). The sample
preparation is diagrammed below in Figure 3.1.

Figure 3.1. Synthesis of hydrogel samples in rectangular capillary tubes for diffusion
measurement. A) Hydrogel material is loaded into the tube by capillary action. B) After
gelation, the bottom of the hydrogel is carefully removed with a small instrument and
replaced with the fluorescent solution of interest. C) The bottom of the capillary tube is
plugged with clay to prevent leakage of the fluorescent solution. D) Fluorescent
material from the reservoir diffuses up into the hydrogel over time.
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Sample imaging was performed with a Zeiss Axiovert 135 inverted fluorescence
microscope (Zeiss; New York City, NY) and Jenoptik ProgRes C10plus color CCD
camera (Jenoptik; Jena, Germany). Agarose samples (n=3) were imaged at two time
points (approximately 24 and 72 hours), and alginate samples (n=3) were imaged at two
time points (approximately 8 and 36 hours). Images were taken at 1mm positional
increments, starting within the fluorescent material reservoir and stopping after diffusion
of the dye into the gel had stopped (determined when no change in fluorescence intensity
from image (x) to image (x+1) was measured). The microscope imaging setup is shown
below in Figure 3.2.

Figure 3.2. Microscope imaging setup for capillary tube diffusion measurement. The
sample is mounted on the arm of a digital caliper for controlled vertical position
movement. The inverted widefield fluorescence microscope setup allows use of an
attachment to convert the light path from vertical to horizontal. The sample is moved
from the starting position (x=0, within the fluorescent material reservoir) up through the
light path, and images are collected at 1mm intervals.
An estimate for the diffusion coefficient for each sample was calculated using
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methods reported in the literature [5, 6] based on Fick’s Second Law of Diffusion:

[5]

Cp is the concentration of the diffusing molecule in the hydrogel; Dp is the effective
diffusion coefficient of the probe in the hydrogel; x is the linear distance from the
polymer surface; t is the time since injection of the fluid reservoir below the hydrogel.
The concentration of the fluorescent material is estimated by the fluorescence intensity of
the digital images, which is assumed to be linear with concentration for digital images
which are not saturated, have minimal background fluorescence, and for which the
fluorophore shows minimal photobleaching. Briefly, the following calculations were
used to estimate the diffusion coefficient from the data:
1. For each position (x), the normalized intensity is calculated, such that the
maximum intensity is 1.0. For this procedure, the x-value that is correlated with
the highest intensity within the fluorescent material reservoir should be set to 0.0
and successive x-values translated accordingly. Points with x-values lower than
the x-value correlated with the peak intensity are discarded.
2. The expected intensity is calculated for each position (x) via the error function
derived previously [5] (shown below).
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[5]
3. The error function can be given a solution by providing an initial estimate for the
diffusion coefficient (Df). The time (t) is the time at which the images were taken
(using the injection of the fluorescent material as t0).
4. The sum of squared errors (SSE) is calculated across each position (x), between
the expected values derived from the error function (step 2, 3) and the normalized
values derived from the digital images (step 1)
5. Finally, the diffusion coefficient is estimated in an iterative manner by adjusting
the diffusion coefficient estimate until the SSE minimum is determined. This is
the best estimate for the diffusion coefficient.

Capillary Tube Cell Culture and Oxygen Measurement
Murine mammary tumor cells (4T07, ATCC, Manassas, VA) or murine 3T3
fibroblasts (ATCC) and oxygen-sensitive nanoparticles (approximately 1.8ppm,
manufactured by Dr. Jason McNeill, Chemistry Department, Clemson University) were
encapsulated within a 1% agarose (Sigma Aldrich) hydrogel and loaded into rectangular
capillary tubes by capillary action. Agarose was sterilized by autoclave and dissolved in
phosphate-buffered saline (PBS) (Sigma Aldrich). It was not possible to precisely control
the volume or height of the sample within the tube, so samples have varying volume and
height. Samples were kept in a sterile cell culture incubator at 37ºC and 5% CO2 within a
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glass petri dish filled with excess (approximately 20mL) of Dulbecco's Modified Eagle’s
Medium (high glucose DMEM; Gibco; Langley, Oklahoma). DMEM was supplemented
with 10% fetal bovine serum (Mediatech Cellgro; Manassas, VA) at 50mL per 500mL,
fungizone (Gibco) at 1mL per 500mL, and antibiotic-antimycotic (Gibco) at 5mL per
500mL. After 48 hours of culture, the capillary tubes were removed from the incubator
and prepared for imaging. Digital images were captured at 1mm intervals, starting from
the end of the capillary tube containing the hydrogel (x0) and moving distally. This setup
is shown in Figure 3.3.
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Figure 3.3. Schematic of rectangular capillary tube containing cells (4T07) and oxygen
sensitive nanoparticles.

Custom Gradient Chamber Design and Gradient Characterization
The gradient chamber design shown below in Figure 3.4 was tested for nutrient
gradient production and cell culture viability.
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Figure 3.4. A) Sample chamber schematic, showing 3.1mm height x 8mm width x 40mm
length hydrogel (approx. 1mL). Rubber spacers are added at top and bottom ends to
allow casting and are removed after hydrogel gelation. All components can be sterilized
by autoclave at 121ºC. Polycarbonate plates are 1.5mm thick. B) Example of gradient
production (dyed water) produced by an older design chamber following overnight
diffusion into agarose hydrogel. Note that some leakage is observed around gasket
material (between the gaskets and the top plate), but a gradient is still produced along
the long axis of the chamber.
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Cell viability and oxygen gradient production were tested in the gradient chamber
shown in Figure 3.4a above. Murine 3T3 fibroblast cells (ATCC) were suspended in 2%
agarose (Sigma Aldrich) (sterilized by autoclave and dissolved in PBS). A 1.9mL
cocktail was cast into the gradient chamber well, the cocktail consisting of 285uL oxygen
sensitive nanoparticles (1.8ppm final concentration), 168µL cells (1x106 cells/mL final
density), and 1447µL of 2% w/v agarose (~1.5% w/v final concentration). After gelation,
the top plate of the chamber was secured by bolts. The chamber was placed in a sterile
polypropylene petri dish surrounded with excess medium and maintained in a cell culture
incubator at 37ºC and 5% CO2. At 24 and 72 hours post-gel casting, the sample was
removed from the incubator and culture medium was removed and replaced with PBS for
imaging. At 24 hours and 72 hours, oxygen-sensitive nanoparticle fluorescence imaging
was performed, and an endpoint Live/Dead® assay (Invitrogen) was also performed at 72
hours. Microscope imaging was performed along the sample's gradient axis (x), using a
5x objective (50x total magnification) with a 1mm step size for oxygen sensitive
nanoparticle imaging and 2mm step size for Live/Dead® assay imaging. Images were
then stitched together using GIMP open-source software with the Pandora panorama
plugin. Additional image processing was performed with ImageJ software (National
Institutes of Health, U.S.). This method is discussed in more detail in Chapter 2. Images
were captured at three points along the width of the chamber – one near each end (rubber
gasket) and one in the center between the two gaskets. Total image width was
approximately 2mm and images spanned the full length of the chamber (approximately
40mm).
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First Generation Bioreactor - Design
A custom bioreactor was designed to allow the same control over sample
dimensions and anisotropy that is provided by the previously described gradient chamber.
The bioreactor was designed to improve the gradient chamber by allowing sterile
microscope imaging with high optical clarity, and by allowing more control over the
production of an oxygen gradient. A prototype bioreactor was designed using Solid
Works software (SolidWorks Corp.; Concord, MA) and constructed by Machining and
Technical Services on the Clemson University campus. A schematic of the main body of
the oxygen gradient bioreactor prototype is shown below in Figures 3.5, 3.6, and 3.7.
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Figure 3.5. Main body of the prototype oxygen gradient bioreactor. An oxygen gradient
is developed by cellular oxygen consumption but is also dependent on the flow rate of
oxygenated medium through the bioreactor. Perfusion flow ports (A) allow culture
medium to be pumped through each of three sample wells. Hydrogel blocks are cast into
each sample well (B), with dimensions of 10mm (length) x 7mm (width) x 5mm
(thickness). The hydrogel fills the entire sample chamber, ensuring that most of the
culture medium flow is via side channels (C), so that only diffusion supplies the hydrogel
with nutrient exchange. Alternatively, flow channels can be blocked (see Figure 3.8),
forcing perfusion of culture medium directly through the hydrogel. This option, termed
perfusive flow, was designed to increase nutrient delivery rates.
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Figure 3.6. Assembly of the oxygen gradient bioreactor prototype. 1) Bottom plate
(aluminum), designed to accommodate low-profile screws to minimize the distance
between the microscope stage and the sample to increase image clarity; 2) standard glass
7.6 x 2.5 x 1 mm microscope slide fits into the bottom plate. Microscope glass is
preferred over plastic for fluorescence imaging due to its lower autofluorescence; 3)
main body of the oxygen chamber (stainless steel); 4) a second glass 7.6 x 2.5 x 1 mm
microscope slide serves as the top surface of the bioreactor to reduce autofluorescence;
5) Top plate (aluminum). Thin silicone gasket sheets are added between each microscope
slide and the main body (3) of the bioreactor (not shown).
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Figure 3.7. Oxygen gradient bioreactor prototype in use. A) Top plate; B) Main body;
C) Bottom plate; D) Sample chambers (three total chambers); E) Flow channels (labeled
for rightmost culture chamber), channels are open (convective flow); F) Perfusion ports,
connected into bioreactor circuit.
The bioreactor assembly depicted in Figure 3.6 is assembled with a cast hydrogel
sample, as follows (*bioreactor components from Image 3.6 referenced by number in
parentheses):


Top surface of the microscope slide (2) was covered with a thin (~0.2mm) silica
gasket to minimize fluid leakage (not shown). The gasket was cut to match the
profile of the bottom of the main body (3).



Microscope slide (2) was inserted into the bottom plate (1) and the bottom plate
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(1) and main body (3) connected by bolts and nuts (bolt heads at the bottom plate
and pointing up).


Casting blocks (shown in Figure 3.8a) inserted to block the flow port and
channels, and grooves of each chamber. Hydrogel (containing cells and other
materials as necessary) cast into the chamber ((B) from Figure 3.5).



After hydrogel solidification, bolts and nuts were removed. Mesh barriers were
inserted into grooves to immobilize hydrogel during culture (see Figure 3.8b).



Flow plugs were inserted (shown in Figure 3.8) if perfusive flow was desired
instead of convective flow (see Figure 3.8 for more information).



Bottom surface of the top microscope slide (4) was covered with a thin silica
gasket (not shown) identical to the bottom gasket.



Top microscope slide (4) and the top plate (5) were added. Bolts were re-inserted.
The bolt holes in the top plate (5) were threaded so that nuts were not necessary.



Connected threaded tubing components to ports ((A) in Figure 3.5) for connection
to bioreactor tubing (see Figure 3.9 for more information).



Connected the bioreactor into the standard peristaltic pump bioreactor circuit
consisting of the bioreactor, a peristaltic pump, and a medium reservoir (shown
below in Figure 3.9).
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Figure 3.8. A) Insertion of flow plug (left arrow) and casting plug (right arrow) to allow
perfusive flow and hydrogel sample casting respectively. Note that both channels must be
blocked for perfusive flow (requires two flow plugs) and both ends of the chamber must
be blocked for hydrogel casting (requires two casting plugs), though only one of each
plug is shown. B) Depiction of convective flow (left) and perfusive flow (right). The
hydrogel (green block) is cast between the two casting plugs, which are replaced with
permeable mesh inserts (red vertical bars) after hydrogel solidification in order to
immobilize the hydrogel. The flow channels are left open for convective flow. This
configuration was designed to allow nutrient exchange by diffusion along two sample
surfaces only. The flow channels are blocked for perfusive flow, forcing pumped culture
medium directly through the hydrogel sample. This configuration was designed to
increase nutrient delivery rate.
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Figure 3.9. Oxygen gradient bioreactor circuit. A peristaltic pump (B) draws culture
medium from a reservoir (C) and delivers it to one side of the bioreactor (A). The
medium is pumped through the flow channels (convective flow) or directly through the
hydrogel (perfusive flow) and exits at the other side of the bioreactor. Then the medium
is delivered back into the culture medium reservoir (C).
First Generation Bioreactor – Gradient Characterization by Perfusive and Convective
Flow
The objective of this experiment was to confirm that a concentration gradient along
the flow axis of the gradient chamber is indeed created under both convective and
perfusive flow. It was expected that perfusive flow would improve delivery rate of a
material into the hydrogel (versus convective flow) and that higher flow rates would
improve the delivery rate for both flow types. For this experiment, acellular 2% agarose
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hydrogels (Sigma Aldrich) were cast into the bioreactor chambers. After solidification of
the agarose, the hydrogel blocks were held in place with 10μm pore size polyester mesh
sheets (Spectrum Laboratories; Rancho Dominguez, California). One chamber used flow
plugs for perfusive flow and one had open flow channels for convective flow. Alamar
Blue reagent (Invitrogen) was selected for use in gradient assessment, both to examine
the capacity of the bioreactor to produce a gradient and to evaluate Alamar Blue as a
quantitative spatial dye for the measurement of cell metabolism. Because this test was
acellular, Alamar Blue dye was first incubated at 5% total volume in DMEM within a
T75 cell culture flask (Costar; Lowell, MA) containing a confluent culture of murine
fibroblast 3T3 cells (ATCC) for 8 hours. This incubation allowed the cells to convert the
Alamar Blue dye into its highly fluorescent product. The bioreactor was set up at room
temperature on the stage of an inverted fluorescent microscope. The bioreactor was
connected to a peristaltic pump (model 7519-25; Cole Parmer; Vernon Hills, IL) via size
14 Norprene® tubing (Cole Parmer). The converted Alamar Blue dye was pumped
through the bioreactor at either a 'slow' rate (0.2mL/min) or a 'fast' rate (5.0mL/min),
creating four sample groups (n=1 each):


Perfusive Flow, 5.0 mL/min



Perfusive Flow, 0.2 mL/min



Convective Flow, 5.0mL/min



Convective Flow, 0.2mL/min

Images were captured via microscope CCD camera (ProgRes C10Plus; Jenoptik) at set
intervals using a 2.5x objective. Images were collected across the entire sample in
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sequence with a 4mm step size and then stitched together (GIMP open source software
with Pandora panorama plugin) for comparison. The image processing procedure is
discussed in more detail in Chapter 2. Briefly, images were overlapped to minimize the
effects of the uneven illumination intensity provided by the mercury fluorescent lamp.
Additionally, prior to image stitching, the images were normalized against a reference (an
out-of-focus image of an opaque, uniform material) to further reduce the effects of
uneven illumination.

Second Generation Bioreactor - Design
A second generation oxygen gradient bioreactor, shown in Figure 3.10, was
designed to improve reliability (reduce fluid leaking) by simplifying the design and
improving fluid flow routing.
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Figure 3.10. Second generation oxygen gradient bioreactor. This model uses standard
O-ring gaskets (seated on top and bottom (not shown) of device (B)). This module is
designed only for perfusive flow through ports on either side (A). The sample chamber is
of similar size and dimensions as that of the first generation oxygen gradient bioreactor
(see Figure 3.5). Assembly of top and bottom plates and microscope slides (not shown) is
similar to that of first generation oxygen gradient bioreactor (see Figure 3.6).
Additionally, tightening screws (D) are used on both the top and bottom of the device (16
total) to improve compression and reduce fluid leakage. Hydrogel sample (C) casting
procedure and dimensions are similar to that of the first generation oxygen gradient
bioreactor.
Second Generation Bioreactor – Gradient Characterization
An experiment was performed to confirm that the second generation bioreactor
would produce a chemical gradient along the flow axis of the chamber under peristaltic
flow. Acellular 2% agarose (Sigma Aldrich) hydrogels were cast into the bioreactor
chamber. Following gelation, 10μm pore size polyester mesh sheets (Spectrum
Laboratories) were added on either side of the hydrogel for immobilization and for
protection against fluid pressure and shear damage. The chemical gradient caused by
fluid flow was visualized using a concentrated Rhodamine B solution in water (product
#83689; Fluka Biochemika). The bioreactor was set up at room temperature on the stage
of an inverted fluorescence microscope. The bioreactor was connected to a peristaltic
pump (model 7519-25; Cole Parmer) via size 14 Norprene® tubing (Cole Parmer). The
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gradient development was measured using two different sample setups. In the first, the
agarose gel filled the chamber. This setup is similar to the perfusion flow method in the
first generation bioreactor. Fluid was forced through the hydrogel from the inlet to the
outlet of the bioreactor. The flow rate was 1mL/min. In the second version, the agarose
gel only partially filled the chamber (the chamber height was 5mm while the gel height
was 2mm). The two sample setups are diagrammed in Figure 3.11.

Figure 3.11. Diagram displaying hydrogel position (grey) and fluid flow (red) in
bioreactor from a profile (side) view. Setup A shows a hydrogel completely filling the
bioreactor chamber. Fluid flow is forced through the hydrogel. If cells were included,
they would need to be suspended within the hydrogel. Setup B shows the bioreactor
chamber partially filled with hydrogel. Fluid flows across the surface of the hydrogel.
Cells in this setup can be seeded on top of or encapsulated in the gel.
Images were captured with a microscope CCD camera (ProgRes C10plus;
Jenoptik) at set intervals using a 2.5x objective. Images were collected across the entire
sample in sequence with a 3mm step size and then stitched together for comparison
(GIMP open-source software with Pandora panorama plugin). The image processing
procedure is discussed in more detail in Chapter 2. Briefly, images were overlapped to
minimize the effects of the uneven illumination intensity provided by the mercury
fluorescent lamp.
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Results
Capillary Tube One-Dimensional Diffusion Measurement Method
Diffusion coefficients calculated for 70kDa fluorescent dextran in hydrogels
loaded in capillary tubes is shown below in Table 3.1.
Estimated diffusion coefficient (cm2/sec) for 70kDa dextran through different
materials
Sample Group (n=3)

Time Point 1

Time Point 2

Agarose, 1%

7.75x10-7 +/- 6.01x10-7

7.95x10-6 +/- 2.47x10-6

Alginate, 0.5% low
viscosity

1.43x10-5 +/- 1.73x10-5

1.15x10-6 +/- 6.36x10-7

Alginate, 2% low viscosity

2.03x10-6 +/- 8.08x10-7

4.03x10-7 +/- 5.00x10-8

Alginate, 0.5% high
viscosity

6.25x10-6 +/- 5.02x10-6

3.75x10-6 +/- 2.05x10-6

Alginate, 2% high viscosity 2.08x10-6 +/- 1.76x10-6
2.30x10-7 +/- 7.21x10-8
Table 3.1. Diffusion measurement method results. Calculated best estimate for the
diffusion coefficient (cm2/sec) for 70 kDa FITC-labeled dextran through 1% w/v agarose
and 0.5% and 2% w/v alginates of high and low viscosity. Time point 1 is after
approximately 7 hours of diffusion for alginate samples and 24 hours for agarose
samples. Time point 2 is after approximately 36 hours of diffusion for alginate samples
and 72 hours for agarose samples. N=3 per group.
Capillary Tube Cell Culture and Oxygen Measurement
Fluorescence emission from the oxygen sensitive nanoparticles in cellular gels in
capillary tubes was extracted from histograms of the digital images (GIMP open-source
software) and compared. Images were taken at 1mm intervals along the length of the
sample. The data is shown below in Figures 3.12 and 3.13.
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Figure 3.12. Capillary tube cell culture and oxygen gradient production. Depth 0mm
refers to the bottom of the capillary tube and position (x) increases with increasing height
(see Figure 3.3). Cell densities (L, low and H, high) are 2.9x105 and 2x106 cells / mL
respectively. In this experiment, both the top and bottom of the capillary tubes were left
open, creating an oxygen gradient from either end towards the middle. Nonetheless, only
the bottom end of the tube (x=0) was in contact with cell culture medium. N=3 per group.

Figure 3.13. Capillary tube cell culture and oxygen gradient production. Depth 0mm
refers to the top of the hydrogel in the capillary tube and position (x) increases with
decreasing height (inverse of Figure 3.3). Cell densities are as follows: A = 1.4x107; B
= 4.3x106; C = 1.7x106; D = 4.3x105; E = 0 (control). In this experiment, the bottom of
the capillary tube was capped and the top left open, creating an oxygen gradient from the
top of the tube to the bottom. In this experiment, only murine fibroblasts (3T3) were
used.
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Custom Gradient Chamber
Live/Dead® assay images of cellular hydrogels cast into custom gradient
chambers are shown in Figure 3.14 and oxygen gradient production data is shown in
Figure 3.15.

Figure 3.14. Live cells stained green (top) and dead cells red (bottom) at 5x total
magnification after 72 hours culture. Vertical bands in images are formed by a
combination of image stitching error (due to uneven radial illumination intensity, more
details on this phenomena in Chapter 2) and/or gel fracture, which was observed after
tightening the top of gradient chamber into place. No gradient was observed in live or
dead cells across the images.
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Figure 3.15. Top - profile plot data for 24hr and 72hr oxygen sensitive nanoparticle
fluorescent emission. Bottom – panoramic image composition of oxygen sensitive
nanoparticle fluorescence images (*note – image aspect ratio distorted to fit page).
While a short-lived gradient is observed within the profile data (at each end), these
regions may fall outside the hydrogel (see bottom image).
First Generation Bioreactor – Gradient Characterization by Perfusive and Convective
Flow
The development of the Alamar Blue gradient in the first generation oxygen gradient
bioreactor is shown in Figure 3.16. Images were collected via fluorescence microscope
CCD camera and image processing was conducted in GIMP open-source software with
Pandora plugin.
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Figure 3.16. Alamar Blue gradient test results for the oxygen gradient bioreactor.
Images are shown for each sample group (0.2 and 5.0mL/min flow rate and perfusive vs.
convective flow). For the slow flow rate (0.2mL/min), it should be noted that, while the
tubing was primed with solution, approximately two minutes of pumping was required for
the solution to fill the chamber. At this point, the exposure time for image collection was
significantly reduced to prevent overexposure. Additionally, at the fast flow rate
(5.0mL/min), the perfusive flow sample was destroyed by the high flow rate, providing
unreliable data.
Image analysis was performed to approximate the time required for the Alamar
Blue solution to become uniformly distributed along the gradient axis within each
sample. As hypothesized, perfusive flow resulted in faster delivery of the Alamar Blue
solution than convective flow, and a higher flow rate demonstrated faster delivery than a
slower one. The times required for uniform concentration of Alamar Blue (measured by
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fluorescence intensity) was 5 hours for perfusive flow at 0.2mL/min, >9 hours for
convective flow at 0.2mL/min (uniform distribution did not occur by the final time point,
9 hours), and 5 hours for convective flow at 5.0mL/min. Because the perfusive flow
sample at 5.0mL/min was destroyed, it was not possible to get a reliable estimate for this
sample.

Second Generation Bioreactor – Gradient Characterization
The development of the Rhodamine B gradient in the second generation
bioreactor is shown below in Figure 3.17. Images were collected via fluorescence
microscope CCD camera and image processing was conducted in GIMP open-source
software with Pandora panorama plugin.
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Figure 3.17. Rhodamine B gradient test results for the second generation oxygen
gradient bioreactor. Shown at the left is perfusive flow (through hydrogel) and at the
right is shear flow (across hydrogel surface).
Perfusive flow demonstrated the development of a horizontal gradient by intensity
profile plots (not shown). For the sample exposed to shear flow, the circulating solution
masked the development of a gradient by profile plots (not shown). After 30 minutes of
flow, the rhodamine solution was removed and the sample was rinsed for 5 minutes by
replacing it with fresh water, then imaging was performed again (shown in 30min. +
rinse, Figure 3.17). Following rinsing, intensity profile plotting for this timepoint showed
the presence of a mild horizontal gradient and no vertical gradient.
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Discussion
Diffusion coefficient measurements of a fluorescent material through a hydrogel
in a capillary tube produced highly variable results (see Table 3.1) and could only be used
with hydrogels which could form a gel within the capillary tube. However, due to the
thinness of the sample and capillary tube walls, it was observed that background
fluorescence was very low.
Next, capillary tubes were used to contain hydrogels with encapsulated cells (to
consume oxygen and create an oxygen gradient) and oxygen sensitive nanoparticles
(discussed in Chapter 2). Because the capillary tube does not allow non-destructive
access to the sample contained within it (e.g. to replenish cell culture medium), only
short-term (1-3 days) experiments were possible. The objective of this work was to
evaluate the functionality of using capillary tubes to culture cells within a hydrogel and
use nanoparticle oxygen sensors to measure oxygen gradients created by cellular oxygen
consumption. It was expected that higher cell densities would cause increased oxygen
consumption and thus steeper gradients and higher fluorescence intensities (lower oxygen
concentration) deeper within the gel. While lower cell densities, in general, display lower
intensities and more shallow gradients (estimated by the slope of intensity versus position
curves in Figures 3.12 and 3.13), comparison between groups is difficult because of the
inconsistencies in sample volumes. Additionally, while background is low in capillary
tube samples, the fluorescence intensity measurement is nonetheless relative and makes
comparison between groups difficult. Once samples are removed from the incubator for
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imaging, they are no longer sterile, making repeated measurements impractical. Due to
the size restrictions of a tube designed to produce capillary action, the size scale of
applicable scaffolds is also significantly limited. While a pre-formed scaffold can be
fabricated with dimensions appropriate for insertion into the capillary tube, a hydrogel
material must be loaded into the tube and allow to gel – this point makes it difficult or
impossible for use with hydrogels that are highly viscous prior to gelation. Hydrogel
materials are also limited to those which can be uniformly mixed prior to uptake into the
capillary tube (or, alternatively, those which solidify sufficiently slowly to allow a
uniform gel to form). Nonetheless, capillary tube cell culture represents a simple,
relatively controlled method of producing a one-dimensional oxygen gradient.
Custom built gradient chambers are useful for their versatility – they can
accommodate a wide sample size range and can be constructed of any optically
transparent top or bottom material needed for microscopy imaging. This work
demonstrated that custom-built gradient chambers can produce a diffusion gradient as
expected, and can be fabricated for the desired parameters, such as sterility, optical
imaging capacity, and maintenance of cell viability. However, the creation of an oxygen /
nutrient gradient is still solely controlled by the cellular metabolic rate of oxygen and the
diffusion properties of the hydrogel scaffold. The inability to delivery oxygen
independent of cellular consumption and scaffold properties may be insufficient for
simulating a tissue with a specified oxygen delivery rate and/or having a specified tissue
oxygenation level.
Preliminary work has shown that the oxygen gradient bioreactor can be used for
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the controlled production of a molecular gradient (see Figures 3.16). All components for
the bioreactor can be sterilized for cell culture use (ethylene oxide gas is used for the
bioreactor tubing and plastic tubing adapters, while autoclaving is sufficient for the
bioreactor body, plugs, bolts, nuts, and gaskets). While cell culture can be performed
within the bioreactor, methods could be developed for the uniform administration of cell
activity assay dyes following assembly of the bioreactor, since reagent delivery occurs
over a large diffusion gradient. The development of these methods will allow long-term
testing of cell viability within the bioreactor. Additionally, leakage of the bioreactor
chambers can still occur and can allow mixing of medium between chambers. This
mixing may also reduce the diffusion gradient, since fresh medium can enter a chamber
from the top or bottom rather than solely along the gradient axis. While the oxygen
gradient bioreactor has been successful as a combined microscope imaging and gradient
production bioreactor, further design and testing must be done before it may be useful in
the testing of 3D tissue engineered test systems.
A second generation oxygen gradient bioreactor, shown in Figure 3.10, was
developed to improve inconsistencies in the performance of the first generation
bioreactor. While the first-generation bioreactor contained three sample wells to improve
experiment sample number scaling, fluid flow between each well was not always
isolated, and the effects of fluid mixing between different wells could not be measured or
corrected for. The second generation bioreactor was tested for the development of a
fluorophore gradient by perfusion and convection across a hydrogel (see Figure 3.17).
For perfusive flow, while gradient development is observed along the flow (long) axis,
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fluorescent dye also diffused into the hydrogel along the perpendicular axis. This
diffusion is expected to occur because of the space between the bottom gasket and the
hydrogel, permitting fluid access to the hydrogel from all sides rather than just the faces
perpendicular to the flow. Intensity profile plots (not shown) demonstrated, however, that
the majority of fluid access to the hydrogel in this case is still attributed to perfusion
(rather than diffusion at bottom around the gasket). Intensity profile plots (not shown)
confirmed the presence of a horizontal gradient at all time points, whereas the slope of
vertical gradients declined to a near-absence by 60minutes. The maintenance of a
horizontal gradient when the vertical gradient was nearly absent (close to uniform
distribution) indicates that the majority of fluid flow still occurs along the flow axis.
When shear flow was used a mild gradient was observed, but only after after the
fluorescent solution was removed from the top of the hydrogel and the sample was
rinsed. It was concluded that both shear flow and perfusive flow can be used to create a
gradient, however additional rinsing steps are needed to be able to visualize the gradient
in shear flow samples.
Gradient development analysis demonstrated that the second generation bioreactor
successfully allows creation of a horizontal chemical gradient by perfusion flow.
Although an undesired vertical (perpendicular) gradient is also developed, it is of smaller
magnitude and does not mask the development of the horizontal gradient. Shear flow
was tested to simulate conditions in which cells were cultured on top of a hydrogel
matrix. This would allow cell culture on the surface of the hydrogel to prevent agarose
matrix encapsulation from hindering migration and proliferation. Development and
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visualization of a chemical gradient in this setup, however, is more difficult than for
perfusion. First, if the circulated solution contains the fluorescent molecule measured,
then the sample must be rinsed before measurement, due to the persistence of the fluid
layer on top of the hydrogel. Additionally, there is the concern that the fluid layer on top
of the gel will provide quick diffusional access of the chemical, eliminating any
horizontal gradient. A low flow rate was used to minimize this effect, and, following
rinsing, a horizontal gradient was observed, though it was very mild in comparison to that
observed for perfusion flow. In practice though, the low flow rate could potentially help
contribute to an oxygen gradient due to cellular oxygen consumption. Finally, the shear
flow method will expose cells to mechanical shear stresses, which must be considered in
light of any spatial effects on cell behavior. A low flow rate was selected to minimize
shear stress, however cell behavior in this shear flow environment has not been
evaluated. In conclusion, the second generation bioreactor allows the development of
chemical gradients by perfusion flow, similar to the first generation bioreactor.
Qualitatively, no fluid leakage was observed, demonstrating increased bioreactor
reliability. Further testing is necessary to confirm the feasibility of shear flow for
creating a chemical gradient.

Conclusions
The objective of this work was to create a system for spatially controlling and
measuring oxygen delivery to a tissue engineered scaffold in vitro in order to simulate
hypoxia. Early models employed capillary tubes and custom-made chambers with
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controlled limited access to oxygen. Acellular tests employed fluorescent molecule
diffusion to demonstrate the successful generation of a molecular gradient, whereas
cellular tests with fluorescent oxygen-sensitive nanoparticles demonstrated the generation
of an oxygen gradient by cellular consumption. However, in these statically cultured
systems, spatial distribution of the molecule could not be independently controlled. An
oxygen gradient bioreactor was created to allow dynamic culture, with fluid flow rate
allowing control of molecule distribution independent of scaffold properties or cell
density. In two prototype versions of the oxygen gradient bioreactor, spatial imaging
techniques were used to verify control over the creation of a spatial molecular gradient by
modulation of fluid flow speed and type (perfusion or convection). As expected, a higher
fluid flow rate resulted in faster distribution of a fluorophore than a slow flow rate, and
perfusive flow distributed the molecule faster than convective flow. Together with
microscopy methods for the spatial measurement of fluorescence intensity (see Chapter
2), the oxygen gradient bioreactor was shown to allow both the controlled creation and
measurement of a molecular gradient through a tissue engineered scaffold.
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CHAPTER 4
SPATIAL, QUANTITATIVE MEASUREMENT OF CELL MORPHOLOGY AND
POSITION WITH FLUORESCENCE WIDEFIELD MICROSCOPY

Background
Determination of the microenvironmental differences between cancerous and noncancerous tissues may yield vital information for diagnosing and treating cancer. Cancer
development has been correlated with regions of extracellular matrix (ECM) stiffer than
that of healthy tissue [1]. A 3D tissue engineered cancer test system can be designed to
simulate a tumor nucleation site within normal tissue – this representation may include
spatially varying tissue stiffness with stiff regions localized at tumor sites and less stiff
regions in between. In such a system, it is beneficial to track cell migration and behavior
spatially and non-invasively. The objective of this work was to develop a measurement
method which would allow spatial, non-destructive, and quantitative measurement of cell
migration and behavior within a 3D cancer test system.
Fluorescence microscopy provides high contrast for visualizing cells tagged with
biologically specific labels [2-4]. An optimal fluorescence label for quantitative cell
imaging in a cancer test system should meet several qualifications. The label should be
non-cytotoxic, have high fluorescence brightness, and either have a long-retention time in
rapidly-dividing cells (such as cancer cells), or have the capacity for repeated label
application. Additionally, if the cells will be cultured in a hydrogel test system, the label
should not accumulate in the hydrogel and increase background fluorescence. The label
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should be able to reach embedded cells by diffusion if the dye is applied after the cellular
hydrogel is cast. Ideally, the label should not interfere with other fluorescent markers
(e.g. Alamar Blue marker used to measure metabolic activity).
Several fluorescent cell labels are of interest in this work. CellTracker™ probes
are frequently used for fluorescence cell labeling, and are notable for their high retention
within the cell. However, CellTracker dye intensity diminishes very quickly as cells
proliferate. Calcein AM is a cell-permeant viability indicator which fluoresces green in
living cells. Calcein AM, commonly used in mammalian cell Live/Dead® assay kits, is
generally an endpoint viability indicator, but could potentially be employed as a repeateduse non-destructive cell label, provided cytotoxicity is negligible. Calcein AM
additionally has a moderate cell retention time of a few days [5] and high fluorescence
brightness. Also, 5-carboxyfluorescein diacetate, acetoxymethyl ester (CFDA-AM) has
potential for use as a repeated-application dye for tracking cell aggregate position and
morphology. In comparison to more stable dyes, such as Calcein AM, which can be
retained within cells for several days, CFDA-AM has a low cellular retention time of a
few hours or less [5]. The short retention time allows CFDA-AM to more quickly leach
into the hydrogel and subsequently diffuse into the overlying medium, prior to being
removed for imaging. Hoechst is a nucleic acid label which is retained long-term in
living cells over multiple cell divisions, though cell division will dilute the label.
Alternatively, transfection of cells to express a fluorescent protein (e.g. Green Fluorescent
Protein) can be performed [6, 7] to avoid the dilution of long-term dyes and the
background fluorescence and toxicity potentially caused by repeatedly-applied dyes.
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Before cell spatial position and morphology data can be collected, microscope
images must be processed to isolate cells from the background. Image processing for
fluorescence images is preferred over widefield light images (e.g. phase contrast) due to
the specificity of the fluorescent markers, which effectively differentiate cells from the
background and improve image processing results. ImageJ software (National Institutes
of Health) is a software package with a robust set of tools specifically designed for
quantitative analysis of microscope images [8].

Methods
CellTracker™ Probe
Cell Tracker Red (cat# 34552; Invitrogen; Carlsbad, CA) was examined for its
capacity for long-term cell morphology imaging. Long-term imaging with Cell Tracker
Red was tested with both rapidly proliferating and relatively inactive cells. Human breast
epithelial MCF-10A cells (ATCC; Manassas, VA) were cultured either encapsulated in
hydrogels (where it was expected that they would be relatively inactive due to adhesion
dependence) or on cell culture well plates at low density (where they were expected to
proliferate rapidly). MCF-10A cells were inoculated with Cell Tracker Red dye at 2, 5,
and 25µM in phosphate buffered saline (PBS; Sigma Aldrich; St. Louis, MO), then
seeded into 24-well cell culture plates (Costar; Lowell, MA) or encapsulated into
agarose/collagen mixture hydrogels. Cells in culture well plates were seeded at 3.8x104
cells per well. Hydrogels comprised 45% (by volume) of 2% agarose (Type VII-A, low
gelling temperature; Sigma Aldrich) in phosphate-buffered saline (Sigma Aldrich), 45%
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(by volume) of 3mg/mL collagen (PureCol, bovine Type I; Advanced Biomatrix; San
Diego, CA), and 10% (by volume) of collagen reconstitution buffer. Collagen
reconstitution buffer is used to adjust collagen solution to physiological pH to cause
gelation, and comprises a cocktail of 0.477g HEPES buffer (cat# BP310, Fisher
Scientific; Waltham, MA), 0.22g NaHCO3 (cat# S233, Fisher Scientific) in 10mL
deionized water. Hydrogels (n=3, 285μL each) were cast into 24-well plates and allowed
to gel at room temperature. Subsequently, 380μL Dulbecco's Modified Eagle Medium
(DMEM) (high glucose; Gibco; Langley, OK) was added to each. DMEM was
supplemented with 10% fetal bovine serum (Mediatech Cellgro; Manassas, VA) at 50mL
per 500mL, fungizone (Gibco) at 1mL per 500mL, and antibiotic-antimycotic (Gibco) at
5mL per 500mL. Samples were imaged daily with an inverted fluorescence microscope
(Zeiss Axiovert 135; Zeiss; New York City, NY) with CCD camera (Jenoptik ProgRes
C10plus; Jenoptik; Jena, Germany) for 7 days to observe dye retention by cells.

Calcein AM
Before Calcein AM could be adopted as a long-term cell imaging dye, it was
necessary to determine the cytotoxicity and potential cellular metabolic inhibition level of
repeated Calcein AM application. Calcein AM-induced metabolic inhibition,
cytotoxicity, and shifts in image contrast was studied in human breast cancer cell (MCF7; ATCC) seeded hydrogels. Calcein AM (from a stock solution of 1mg/mL in dimethyl
sulfoxide, DMSO; cat# C3099; Invitrogen) was tested at 0, 0.1, 0.3, 1, and 2 μM in cell
culture medium. MCF-7 cells were cast in a hydrogel 'sandwich' in 48-well plates
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(Costar). Specifically, 190μL of a 50:50 volume mix of 2% w/v agarose (Sigma Aldrich)
(2%) and 5% w/v gelatin (Type A from porcine skin; Sigma Aldrich) were cast and
allowed to solidify at room temperature. MCF-7 cells were added in the quantity of
3.8x104 cells per well in 500μL DMEM and incubated overnight at 37ºC and 5% CO2.
Medium was aspirated and a top hydrogel layer (142.5μL) was added (same composition
as bottom layer, see above). After solidification of the top gel layer, 380μL of DMEM
was added to each well, and medium was replaced daily. The study was conducted for 8
days. Samples without cells were used as controls; the total number of samples was n=5.
Daily Calcein AM application and fluorescence microscope imaging was performed
(Zeiss Axiovert 135 microscope with Jenoptik ProgRes C10plus CCD camera). Medium
was aspirated and replaced with 380μL PBS with the desired concentration (0, 0.1, 0.3, 1,
and 2 μM) of Calcein AM. Samples were incubated in a cell culture incubator on a
shaker plate (VWR; Radnor, PA) moving at 100 oscillation/min for 90 minutes.
Subsequently, the solution was aspirated and samples were rinsed with fresh PBS and
then imaged. Following Calcein AM imaging, Alamar Blue reagent (cat# DAL1100;
Invitrogen) was added at a 10% (by volume) ratio in DMEM (380μL total) and samples
were incubated for 1 hour on a shaker plate (VWR). Following incubation, 50μL was
transferred from each sample into a black-wall 96-well plate (Costar) for fluorescence
reading with a SpectraMax Gemini EM plate reader (Molecular Devices; Sunnyvale, CA)
at 530/590nm excitation/emission. At Day 8, cells were lysed in preparation for a total
relative cell count via LDH assay (CytoTox 96 Non-Radioactive Cytotoxicity Assay;
Promega; Madison, WI). Medium was replaced with 380µL PBS, then 3µL of Triton X-
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100 (cat# X100; Sigma Aldrich) was added (0.8% v/v final concentration). Samples were
incubated with Triton X-100 for 45 minutes on a shaker plate (VWR) at high speed (300
oscillations/min). Subsequently, 50μL samples were taken from each sample, prepared as
per the LDH Cytotoxicity assay protocol, and read in 96-well black-wall plates with a
μQuant colorimetric plate reader (Bio-Tek Instruments; Winooski, VT) at 490nm.

CFDA-AM
Image contrast of CFDA-AM (cat # C1354; Invitrogen) was compared to that of
Calcein AM at varying dye concentrations and incubation times in MCF-7 (ATCC) cellseeded hydrogels. Cells were seeded into a hydrogel sandwich comprising 2% w/v
agarose (Sigma Aldrich) and 5% w/v gelatin (Sigma Aldrich), mixed in a 50:50 volume
ratio. The cellular hydrogels were cast into 24-well cell culture plates (Costar). The
bottom layer of the hydrogel sandwich was formed by casting 285μL of the hydrogel
mixture and allowing it to solidify at room temperature for 30 minutes. MCF-7 cells
were added at a concentration of 7.6x104 cells per well. Cells were incubated on top of
the bottom hydrogel layer for 48 hours in 500μL DMEM at 37ºC and 5% CO2. Next,
DMEM was aspirated and replaced with a top layer of 380μL of the same hydrogel
composition. Hydrogels were allowed to gel at room temperature. Calcein AM (at 2µM)
and CFDA-AM (at 2µM or 20µM) was added to hydrogels in 380µL PBS. Samples were
incubated for 45, 90, or 180 minutes on a shaker plate (VWR) at 100 oscillations/min.
Sample images were captured using widefield fluorescence microscopy (Zeiss Axiovert
135) with CCD camera (Jenoptik ProgRes C10plus), then the samples were rinsed with
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PBS. The PBS was aspirated and replaced with DMEM and the samples were
maintained in a cell culture incubator at 37ºC and 5% CO2. Imaging was performed
again 24 hours later to assess dye retention and background fluorescence.

Hoechst-labeled cells and RFP-expressing cells
Hoechst-labeled cells were compared to a red fluorescence protein (RFP) expressing
MCF-7 cell line provided by Dr. Didier Dréau (UNC Charlotte). First, Hoechst was
tested for its viability as a long-term dye for rapidly proliferating cells. A Hoechst (cat#
C34580, Invitrogen) stock solution was prepared by adding 10mg to 1mL of water. Two
group types were tested in the study – in the first group (labeled 'single application'),
Hoechst dye was applied to cells at the start of the experiment, before cell seeding, and
the retention of dye was visually examined over time as the cells proliferated. In the
second group (labeled 'repeated application'), Hoechst dye was applied to the cells
immediately prior to each imaging session. Both groups were tested with four different
Hoechst concentrations (0.2, 1, 5, and 20µg Hoechst per mL solution). MCF-7 cells
(ATCC) were seeded into 24-well cell culture plates (Costar) at a concentration of
3.8x104 cells per well. This seeding density was selected so that cells would take several
days in culture to become confluent, allowing significant cell division. Cells were
incubated overnight in 500μL DMEM. In the 'single application' group, cells were
incubated with the appropriate concentration of Hoechst prior to seeding. Next, medium
was aspirated, cells were rinsed with PBS, and cells in the 'repeated application' group
were incubated with Hoechst in PBS at each concentration. Samples in the 'single
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application' group were incubated with PBS without Hoechst. Subsequently, PBS was
removed and fluorescence microscope imaging was performed to determine the effect of
dye concentration and application on image quality. Imaging (and Hoechst application
for the repeated application group) was repeated at 3 and 7 days post-seeding.
Next, Hoechst imaging contrast was tested on cell-seeded hydrogels. This test
was performed to examine dye accumulation in hydrogels over time. Additionally, RFPexpressing MCF-7 cells were compared to the Hoechst-dyed cells. Normal MCF-7 cells
and RFP-expressing MCF-7 cells were encapsulated into hydrogels cast into 24-well lowattachment well plates at a concentration of 1x105 cells per well. Low-attachment cell
culture well plates (Costar) were used to prevent cell adhesion to the bottom of the plate,
since a bottom layer of gel was not used in order to restrict sample thickness. Hydrogels
comprised 285μL plus a small volume of concentrated cells. The hydrogel volumes
consisted of 45% collagen solution (3mg/mL PureCol, Advanced Biomatrix), 45%
volume of 2% w/v agarose (Sigma Aldrich) in PBS, and 10% of collagen reconstitution
buffer. Hydrogels were allowed to gel at room temperature, then were covered with
500μL DMEM and maintained in a cell culture incubator at 37ºC and 5% CO2 overnight.
Subsequently, medium was aspirated and replaced with PBS. The Hoechst group
contained 5µg/mL Hoechst in PBS. Samples were incubated for 30 minutes, followed by
fluorescence microscopy imaging. Imaging was performed at Days 1, 2, 4, and 7 postcell seeding.
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Fluorescence image processing methods for quantitative analysis of cell position and
morphology
The methods developed for ImageJ processing and data collection from widefield
fluorescence images are fairly lengthy and include numerous software-specific directions
that are described in Appendix A. When images of high quality (fairly even illumination
and high contrast between cells and background) are used, this procedure can be used in
an automated and non-biased manner to collect information on cell position and cell
aggregate morphology.
The following data were collected for each individual particle (cell or cell aggregate)
from black and white binary images from sample regions of each hydrogel (note that a
particle was defined as a black region in a black and white image which was completely
surrounded by background (white)). Because of this limitation, any cells or cell
aggregates which were touching were counted as a single particle, and any cell
aggregates were also counted as a single particle):






Area of particle
Circularity of particle (e.g. aspect ratio)
Area fraction (total fraction of image covered by particles)
Coordinates (x,y) for the centroid of each particle
Perimeter of each particle
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Results
CellTracker™ Probe
Images of cells labeled with CellTracker™ probe are shown below in Figure 4.1.

Figure 4.1. CellTracker™ Red imaging of MCF-10A cells. 50X total magnification. Top
– Day 1 (24 hours after seeding); Bottom – Day 7. Left – Cells seeded at low density
onto tissue culture plastic (high proliferation); Right – Cells encapsulated in
agarose/collagen hydrogels (low proliferation). Dye contrast is retained for at least 7
days in low-proliferation cells (embedded in hydrogel), but fluorescence brightness drops
for rapidly proliferating cells.
Calcein AM
Results for the Calcein AM toxicity and metabolic inhibition test are shown in
Figures 4.2 and 4.3. Image contrast with repeated application of the Calcein AM dye is
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shown in Figure 4.4.

Figure 4.2. Relative Alamar Blue data showing Calcein AM effect on MCF-7 cell
metabolism. Data is normalized against acellular values. N=5. Error bars represent one
standard deviation.

Figure 4.3. LDH Relative cytotoxicity results at Day 8. While variability in the data was
high, statistically significant differences were seen between the acellular group and the 0
and 2 μM groups (p=0.05, n=5).
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Figure 4.4. Calcein AM images of MCF-7 aggregates encapsulated in hydrogel. Day 1
represents the first (of daily) dye applications and Day 3 represents the third. Even
though rinsing steps were employed, background fluorescence is significantly higher by
Day 3 (presumably due to the slow leaching of fluorescent dye out of cells over time).
While these images are representative, a high degree of variability was observed in the
strength of the background fluorescence for any given day and Calcein AM
concentration.
CFDA-AM
Imaging results from CFDA-AM assessment are shown in Figures 4.5 and 4.6.
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Figure 4.5. CFDA-AM and Calcein AM staining of MCF-7 cells encapsulated in
hydrogels (25x total magnification) at Day 1 (immediately after casting top hydrogel
layer). Rows – Dye concentration; Columns – incubation time for dye. Note that out-offocus cells (above the focal plane) are also strongly fluorescent and visible in these
images. CFDA-AM dye shows increasing background fluorescence (vs. Calcein AM)
with incubation time as low as 90 minutes.

Figure 4.6. CFDA-AM and Calcein AM staining of MCF-7 cells encapsulated in
hydrogels (25x total magnification) at Day 2. Images taken after 24 hours of incubation
with dye to assess dye retention. Both CFDA-AM and Calcein AM show increased
background fluorescence as compared with background in Day 1 images. Background
fluorescence prohibits imaging of cells in CFDA-AM images. Cell presence in CFDAAM images was confirmed by phase contrast microscopy (images not shown); however,
very few cells were visible against the strong background in fluorescence images.

94

Hoechst
Results from the Hoechst and MCF-7-RFP tests are shown in Figures 4.7 and 4.8.

Figure 4.7. Hoechst staining of MCF-7 cell aggregates in 24-well plates 7 days after
seeding. 100X total magnification. Top – Phase contrast images. Bottom – overlapping
Hoechst images. Left – 'Single application' of 20µg/mL. Right – 'Repeated application'
of 5µg/mL. Images shown are representative of the effectiveness of single and repeated
application of Hoechst for long-term cell aggregate imaging. By 7 days culture, even the
highest concentration of Hoechst dye (20µg/mL, left images) was insufficient for single
application labeling of the cell population. In contrast, 5µg/mL (right images) was
sufficient with repeated application immediately prior to imaging.
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Figure 4.8. Hoechst staining of MCF-7 cell aggregates and RFP-expressing cells in
hydrogel suspension 7 days after seeding. 50X total magnification. Top – Phase contrast
images. Bottom – overlapping Hoechst and RFP images. Left – Hoechst 'repeated
application' of 5µg/mL. Right – RFP-expressing MCF-7 cells. By 7 days culture, both
groups show good overlap between cells observable by phase contrast microscopy and
fluorescent cells via Hoechst or RFP.
Fluorescence image processing methods for quantitative analysis of cell position and
morphology
Methods were developed to convert fluorescence cell images to binary images for
quantitative analysis of cell position and morphology using ImageJ software (NIH).
Examples of the image conversion are presented (Figure 4.9 and 4.10), though
experiments making use of quantitative fluorescence imaging are detailed later (see
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Chapter 6).

Figure 4.9. Left – original image (MCF-7 cell aggregates labeled with Calcein AM).
Right – processed image for data collection. 25X total magnification.

Figure 4.10. RFP-expressing MCF-7 cells embedded in 2% agarose hydrogel after 11
days of culture. Left – original high exposure (8000ms) image. Right – processed image.
25X total magnification. Background fluorescence with RFP-expressing cells was low
enough to permit high exposure imaging to ensure capture of the majority of cells
present. Ambient light with a high exposure time gave the image a green tint; color
separation (RGB) removed the tint (not shown) and allowed simple and non-biased
processing to generate a noise-free binary image (right).
Summary
A summary of the different fluorescence cell labels tested is presented in Table
4.1.
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Cell Dye
Testing
and
Conditions
(product #)
(Invitrogen)

Cytotoxic?

Long-term
functionality

Capacity for
quantitative
imaging

Cell Tracker MCF-10A
Not tested
Red
cells in
( C34552)
hydrogel and
on TCP

LowLow-proliferation
proliferation only only

Hoechst
( C34580)

MCF-7 cells Not tested
in hydrogel
and on TCP

Repeated
Moderate
application or
low-proliferation

Calcein AM
( C3099)

MCF-7 cells No toxicity or
Fail
in hydrogels metabolic
inhibition below 2
μM

Short term or
endpoint only

CFDA-AM
( C1354)

MCF-7 cells Not tested
in hydrogels

Short term or
endpoint only

Fail

RFPMCF-7 cells Non-toxic
Success
Success
expressing
in hydrogels
cells
Table 4.1. Summary of dyes tested for quantitative, spatial cell morphology imaging.
*note – TCP = treated tissue culture plastic and RFP-expressing cells = a MCF-7 cell
line transfected to express a red fluorescent protein.

Discussion
Long term culture of cells with repeated imaging is ideal, which requires a nontoxic dye that is retained for long periods of time in rapidly-dividing cells (e.g. cancer
cells) or can be applied repeatedly. Several fluorescence labels were tested for their
capacity to provide long-term, quantitative imaging of rapidly dividing cells.
CellTracker™ probes are known for their long retention, but were shown to dilute
quickly in dividing cells (see Figure 4.1). Consequently, cytoplasmic dyes are likely
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limited to short-term experiments, or experiments with non-dividing cells. While toxicity
and metabolic inhibition were satisfactory for repeated Calcien AM application up to at
least 8 days (see Figures 4.2 and 4.3), long-term imaging of hydrogel-encapsulated cells
was limited due to high background fluorescence. This high background occurred over
time, presumably as the fluorophore was leached out of cells. Early time point images
had excellent contrast but later images had significant background and very low contrast,
with some variability (see Figure 4.4). Since hydrogel encapsulation of cells is necessary
for 3D tissue engineered test system development, Calcein AM was deemed unreliable
for long-term use as a high-contrast imaging dye, unless methods of washing it out of a
hydrogel could be reliably employed. While CFDA-AM was expected to yield better
results than Calcein AM for repeated dyeing of samples, image contrast was poorer than
with Calcein AM, perhaps due to the low cellular retention of CFDA-AM. It is suspected
that dye which is leached from cells is still fluorescent and thus can contribute to
background fluorescence and degrade image contrast. If leached dye can be removed
(e.g. with sufficient rinsing as may occur in a perfusion bioreactor), then CFDA-AM use
may be realistic, however this point has not been tested. It was concluded that CFDAAM is not viable for static culture due to rapid dye accumulation within the bulk
hydrogel and resulting high background fluorescence. Hoechst performed well as a longterm dye for cell morphology imaging (over at least 7 days). Results have shown that
repeated dye application is necessary for long-term imaging (see Figure 4.7), but
background fluorescence is not as high as with repeated Calcein AM dye application.
However, since Hoechst is a nuclear dye (versus cytoplasmic dyes such as CFDA-AM,

99

Calcein AM), it is not optimal for use in quantitative measurement of cell morphology;
rather, only cell count and position may be quantified (see Figure 4.7 – cell aggregate
morphology visible in the phase contrast images is not present in the Hoechst images).
RFP-expressing cells were considered superior because background fluorescence is
exceptionally low and cytotoxicity is not an issue (see Figures 4.8 and 4.10).

Conclusions
This work has demonstrated that conventional fluorescent cell indicator dyes may
not be amenable to long-term imaging of rapidly dividing cells such as cancer cells.
Short-retention dyes are not functional for quantitative imaging of cells suspended within
hydrogels, likely due to leaching of the fluorescent product into the gel and subsequent
increase in background fluorescence. RFP-expressing MCF-7 cells were selected for
quantitative, long-term imaging because they do not contribute to background
fluorescence, thus allowing simple automated and non-biased image processing.
Image processing techniques were developed to allow quantitative collection of
cell aggregate position and morphological data from both fluorescent and phase contrast
imaging. Qualitatively, processed images appear free of image processing artifacts and
show minimal errors, however, these techniques should be verified against standard
measurements to confirm that image processing artifacts are negligible.
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CHAPTER 5
MODELING CANCER CELL BEHAVIOR AS A FUNCTION OF SUBSTRATE
STIFFNESS IN 3D TEST SYSTEMS
Background
It is well known that three-dimensional (3D) culture systems are more complex
and therefore evoke very different cellular behaviors and interactions than those found in
two-dimensional (2D) systems; hence, carefully crafted 3D systems have the potential to
unlock more mysteries of disease processes. The objectives of this proof-of-principle
study were to build a simple breast cancer tissue test system, using cells and a biomaterial
substrate, and to correlate substrate stiffness to cancer cell behavior. The latter aimed to
show the potential for the development of mathematical models to better define substratecell interactions in a breast cancer tissue test system with the long-term goal of using
mathematical models to improve the design of test systems.
Determination of the microenvironmental differences between cancer and noncancerous tissues may yield vital information for diagnosing and treating cancer. It has
been observed that tumor extracellular matrix (ECM) has greater mechanical stiffness
than healthy tissue; however, the cause and effect of these stiffness differences are not
fully understood [1, 2]. It has been shown that increased tissue stiffness is caused by an
increase in collagen density [3-5]. Indeed, crosslinking of collagen by lysyl oxidase
(LOX), which is frequently elevated in tumors, causes increased ECM stiffness and
breast tumor progression [4]. Additionally, collagen crosslinking by LOX can result in
increased mammary tumor metastasis in mice and increased invasiveness into collagen
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gels in vitro [5].
The unique tumor environment in vivo further complicates study of the effect of
substrate parameters on tumor invasiveness. Two-dimensional cultures have been shown
to be poor indicators of cell behavior in vivo, where 3D models (termed “in vitro test
systems”) often more accurately simulate natural conditions [6-9]. A 3D model affords
replicable testing of tumorigenesis while avoiding many of the inaccuracies of 2D
models. Tumor invasiveness has been strongly tied to the migration of cancer cells into
healthy tissue [3]. In 2D cell cultures, migration rates of cells have been widely studied
and migration rate has been found to be dependent on both the cell substrate mechanical
properties and the cell-adhesion ligand densities. Migration rate is greatest at
intermediate cell-adhesion ligand densities as compared to high densities (which oppose
cell detachment, inhibiting movement) and low densities (which discourage the cell
attachment necessary for movement), and at higher levels of substrate stiffness. In 3D
matrices, however, the relationship between ligand concentration and matrix stiffness,
and cell migration, is not as clearly understood [6]. Additionally, it has been suggested
that substrate pore size [10] and sensitivity to matrix proteolysis [6] also influence
migration and proliferation rates of cells in 3D matrices.
The objective of this proof-of-principle study was to correlate substrate stiffness
to cancer cell behavior and show the potential for the development of mathematical
models to better define substrate-cell interactions. A 3D hydrogel model was developed
for control of substrate stiffness and microscope image processing techniques were used
to obtain morphological information about the population of tumor cells. Mathematical
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modeling was performed by collaborators to correlate substrate stiffness to morphological
parameters such as tumor size, perimeter, and surface area. Mathematical modeling work
in this chapter was performed by Dominik Reinhold (University of North Carolina at
Chapel Hill) and also appears in his Ph.D dissertation.

Methods
Cell Metabolism and Viability Study
Human breast cancer cells (MCF-7; ATCC; Manassas, VA) were cultured in
Dulbecco's Modified Eagle‘s Medium (DMEM; ATCC #30-2002) supplemented with
10% fetal bovine serum (Mediatech Cellgro; Manassas, VA) at 50mL per 500mL,
fungizone (Gibco) at 1mL per 500mL, antibiotic-antimycotic (Gibco) at 5mL per 500mL,
and 10µg/mL insulin (Sigma Aldrich; St. Louis, MO). Cells were then transferred to a
cellular hydrogel system consisting of agarose and collagen. Agarose (Type VII-A low
gelling temperature; Sigma Aldrich) was autoclaved, then dissolved in DMEM (Gibco)
and used to control hydrogel stiffness and long-term structural integrity in culture.
Commercial collagen solution (PureCol, Type I bovine, 3mg/mL in acetic acid; Advanced
Biomatrix; San Diego, CA) was used to allow mobility of cells throughout the hydrogel.
To assess cell metabolism and morphology with respect to substrate stiffness,
MCF-7 cells were incorporated in hydrogels at a concentration of 5.7x104 cells/sample.
First, a thin layer of agarose (2% w/v) was cast into the bottom of 12-well plate wells
(Costar; Lowell, MA) to prevent attachment of cells to the bottom of the wells.
Following gelation at room temperature, the cellular hydrogel (1.5mm thick), consisting

104

of 1% or 0.55% agarose dissolved in DMEM, and collagen (1.5mg/mL) in a 1:1 volume
ratio plus a concentrated cell bolus was cast into the well to form a uniform mixture. Gel
solutions were mixed briefly and gently to homogenize before casting into the 12-well
plates. Gels were maintained at room temperature for 15 minutes for agarose gelation,
then incubated for 30 minutes at 37ºC and 5% CO2 to allow the collagen to gel. Cell
cultures were maintained in DMEM (ATCC #30-2002) supplemented with 10% fetal
bovine serum (Mediatech Cellgro) at 50mL per 500mL, fungizone (Gibco) at 1mL per
500mL, antibiotic-antimycotic (Gibco) at 5mL per 500mL, and 10µg/mL insulin (Sigma
Aldrich). Medium was replenished daily, following metabolic analyses.
MCF-7 cells suspended in agarose:collagen hydrogels were tested daily for
metabolic activity by Alamar Blue assay (Invitrogen; Carlsbad, CA) and by measuring
glucose consumption / lactic acid production (n=6). A volume of 100μL of medium was
taken from each sample for glucose / lactic acid measurement by biochemistry analyzer
(YSI 2700, Yellow Springs Instruments; Yellow Springs, OH). Alamar Blue reagent was
added to the remaining medium at 10% dilution, and samples were incubated for 2 hours
before measurements of dye conversion were determined by colorimetric plate reader
(μQuant; Bio-Tek Instruments; Winooski, VT) at 490nm. Acellular hydrogels subject to
identical treatment were used as controls (n=6). All results were normalized by
subtracting the absorbance of acellular controls. Culture medium was replaced daily
following Alamar Blue incubation. Two samples from each experimental group (strong,
1% agarose gel and weak, 0.55% agarose gel) were analyzed with Live/Dead® cell
viability assay (cat# L3224; Invitrogen) on Day 14. Samples assessed by Live/Dead®
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were separate samples that were not designated for Alamar Blue and glucose / lactic acid
measurement. Cell labeled using the Live/Dead® assay were imaged via fluorescent
microscope (Zeiss Axiovert 135; Zeiss; New York City, NY) with CCD camera (ProgRes
C10plus; Jenoptik; Jena, Germany).
Samples were taken daily prior to medium replacement to measure lactic acid
production and glucose consumption. Values measured reflect changes over the previous
24-hour period. Lactic acid production (LA) and glucose consumption (GLU) were
measured in g/L and calculated for each day (i) as follows:
LA(i) = Lae(i) – Lac(i)
Glu(i) = Gluc(i) – Glue(i)
where e = experimental cellular hydrogels and c = control hydrogels without cells

Imaging-Based Modeling
To allow quantitative imaging, a monolayer of MCF-7 cells was seeded on top of
hydrogels in 24-well plates (Costar) at a concentration of 7.6x104 cells/sample. The gels
consisted of agarose (0.375%, 0.5%, 0.625%, 0.75%, 1%, 1.125%, 1.25%, and 1.5% final
w/v) and gelatin (2.5% final w/v, 0.22μm filter-sterilized porcine, Type A; Sigma). The
agarose content was varied to modulate the stiffness of the hydrogels. First, the hydrogel
layer (1.5mm thick) was cast into the wells and allowed to gel at room temperature for 30
minutes. MCF-7 cells were added in 383μL DMEM and allowed to attach overnight.
Medium was replaced as necessary when medium became acidic (determined by an
orange or yellow coloration of the phenol red indicator) in order to maintain a
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physiologic pH. Medium was added in a 383μL volume 6 hours after cell seeding as well
as following imaging on Days 1, 2, and 3. Additionally, medium was completely
replaced with 784μL fresh medium following imaging on Days 5, 8, and 12. A sample
size of three was used for this experiment.
MCF-7 cells cultured in monolayer on agarose:gelatin hydrogels were used imaged.
Imaging was performed via phase contrast light microscopy with the color CCD camera.
One image was taken daily of each sample. A marker dot on the bottom of each well was
used to approximately align images taken at successive days. Image processing and
analysis were done with National Institutes of Health (NIH) ImageJ software. Image
processing was performed specifically to isolate cell aggregates from the background in
light microscope images. ImageJ software was used to collect data from the processed
images. Each isolated cellular region was termed a „particle“ for this analysis. A particle
could comprise a single cell, several cells clustered together, or multiple touching cell
clusters. Following image processing, ImageJ was used to collect the following data for
each image:




summary data (on a per-image basis)
o total particle count
o total particle area (sum of areas of all particles)
o average particle size (area)
individual particle data
o particle size (area)
o particle circularity1
o particle location2
o particle perimeter
1 – particle circularity is calculated by ImageJ software according to the formula:
circularity = 4͘л x (area/perimeter2)
2 – location given as centroid in x-y coordinate form, with (0,0) being the upper left corner of the
image
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See Appendix B for the complete image processing protocol and example images
from this study.
Standard statistical methods were used to assess the effect of hydrogel stiffness on
metabolic activity, cell growth, and morphology of cell clusters. Measurements of cell
growth and morphology were collected, including coverage area, cell aggregate number,
and perimeter of cell aggregates. Weighted least squares regression models were fit for
the following variables: total aggregate coverage area (Area), logarithm of the number of
aggregates in each sample, (ln(N)), logarithm of the average aggregate size, ln(AAS), and
average perimeter of aggregates (AP). The explanatory variables for the Area, ln(AAS),
and ln(AP) models were initially S, D, D2, S:D, and S:D2 where S denotes agarose
concentration (stiffness) and D denotes Day. The explanatory variables for the ln(N)
model were D and D2. A polynomial multivariate regression model was selected based
on best fit to the data. Weighted least squares regression was used because equal variance
over time could not be assumed, and the weights used at each time point were one
divided by the standard deviation of measurements at that day. The mathematical
modeling work was performed by collaborating researchers (Dominik Reinhold, Dr. Ross
Leadbetter, and Dr. Amarjit Budhiraja) at the University of North Carolina at Chapel Hill
(UNC).

Results
Cell Metabolism and Viability Study
Lactic acid production in the strong gels was constant and approximately
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equivalent to the acellular controls, whereas production in the weak gels increased over
time and was significantly greater than controls by Day 3. Lactic acid production and
glucose consumption values are shown in Figure 5.1.

Figure 5.1. A) Lactic acid production (normalized to acellular controls) in weak (0.55%
agarose) and strong (1% agarose) cellular gels over Days 1-10. LA production by weak
gels is statistically significantly greater than for strong gels for Days 3-10 (p=0.05). B)
Glucose consumption (normalized to acellular controls) by weak and strong gels.
Statistically significant differences were observed on Days 7 and 8 (p=0.05). Note that
while sample size was initially six, sample numbers in the weak gel group declined over
time due to gel fracture. Sample number was five on Days 1-3, four on Day 4, three on
Days 5-8, two on Day 9, one on Day 10, and zero by Day 11. No weak gels remained by
Day 11.
Alamar Blue assay results are shown in Figure 5.2. Because weak gels were
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mechanically unstable, they were continually destroyed by routine handling (medium
change, etc.) - no weak gel metabolic samples remained by day 11.

Figure 5.2. Alamar Blue assay. Each point on the graph represents the average of the
normalized absorbance levels within each group (weak and strong gel); error bars
represent the standard deviations of the (unnormalized) measurements. Weak gel
absorbance is statistically different than both strong gel and control (acellular gel)
absorbance at all time points. Strong gel absorbance is not statistically different than
control gel absorbance at all timepoints excluding Days 7, 9, and 11 (p=0.05). Note that
while sample size was initially six, sample numbers in the weak gel group declined over
time due to gel fracture. Sample number was five on Days 1-3, four on Day 4, three on
Days 5-8, two on Day 9, one on Day 10, and zero by Day 11. No weak gels remained by
Day 11.
Live/Dead® cell staining showed the presence of live MCF-7 aggregates (on the
order of 100-500μm in diameter) as well as live single cells (non-aggregated) in weak
gels. No aggregates formed in strong gels, which only had single cells. Live/Dead®
assay results are shown in Figure 5.3.
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Figure 5.3. Live/Dead® assay. MCF-7 cells suspended in 3D in agarose : collagen
hydrogels. Left – live cells; Right – dead cells. Top – weak gels developed many large
cell aggregates; Bottom - strong gels included no MCF-7 aggregate formation over 14
days. Scale bar = 500 μm.
Imaging-Based Modeling
Processed images qualitatively showed high fidelity – that is, little/no acellular
regions were incorrectly marked as cells (black) and all aggregates were appropriately
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marked as cells. Image quality deteriorated after approximately 10 days; hence, images
from Days 11-14 were omitted from analysis. For more details on this method see
Appendix B.

Figure 5.4. Example of original (top) and processed (bottom) images showing MCF-7
cell growth on 1% agarose : gelatin gels. Left images = Day 1; Middle = Day 5; Right =
Day 10. Dark spot in top images is a marker dot used for approximate spatial alignment.
Total magnification 25x.
Only sample groups with 1%, 1.125%, 1.25%, and 1.5% agarose were used for
mathematical modeling. Cells sank through the weaker gels and attached and
proliferated along the bottom of the well plates, introducing complications to quantitative
image processing and modeling. Additionally, the weakest gel groups fell apart over time
in culture. The modeling analysis, performed by collaborators at UNC-Chapel Hill, is
briefly summarized below.
During approximately the first 6 days, the coverage area did not show a simple

112

pattern of increase or decrease, while during Days 6-10 the coverage area mostly
increased (Figure 5.5). Note that in the earlier days, the cells had not formed (larger)
clusters. The interaction between variables X and Y is denoted by X:Y. There was no
significant interaction between stiffness and day, if only S, D, D2, S:D, and S:D2 were
allowed. If more explanatory variables are included (S2 and the corresponding interaction
terms), significant interaction terms are revealed. The reduced model found through
stepwise regression is:

Area = 2110366+1594011× S - 713860 × D +125957× D2 + Error (1),
where S denotes stiffness and D denotes day. The analogous model (fit using the same
weights as above,, only using D and D2) is:

Area = 4053067 - 713860 × D +125957× D2 + Error (2)
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Figure 5.5. Plot of the total coverage area over time for different stiffness groups. Left:
regression curves based on the model (1) above. R2=0.784. Right: a single regression
curve based on model (2) above. R2 is 0.7654.
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The weighted least squares regression model fit shows that the natural logarithm
of the number of aggregates in each sample (ln(N)) decreased over time.

ln(N) = 6.942607-0.469995× D + 0.021569 × D2 + Error (3)
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Figure 5.6. Ln(number of aggregates) as a function of time for each sample group for
Days 1-10. The natural log of the aggregate number was taken to linearize data and
simplify model development. R2=0.8722
The logarithm of the average aggregate size, ln(AAS), increased approximately
linearly over time. The natural logarithms of AAS are plotted over time in Figure 5.7.
The weighted least squares fit with “day” as the explanatory variable is as follows:

ln(AAS) = 8.093+0.366 × D+Error (4)
There appears to be no significant interaction between day and stiffness. Another
model was fit, where stiffness is significant:
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ln(AAS) = 7.41240+0.55844×S+0.36594× D+Error (5)
Models including interaction terms of stiffness and day or of stiffness and day2,
respectively, showed that the interaction was not quite significant. However, the
coefficients for the interaction term were estimated to be negative; the stiffest group has
larger AAS during the first 8 days, and relatively low AAS on Days 9 and 10.
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Figure 5.7. Plots of the average of ln(average aggregate size) for each stiffness group.
Left: The blue line is the fitted weighted least squares regression line from model (4).
R2= 0.8897. Right panel: The fitted lines from model (5) are plotted. R2= 0.8971.
The average perimeter of aggregates per sample is noted as AP. In Figure 5.8 the
average of ln(AP) are plotted against time, where the averages were calculated for each
stiffness group. The weighted least squares fit with S, D, and S:D2 as the explanatory
variables is as follows:

ln(AP) = 5.087618142+0.206343996×S+0.153328465× D-0.004794677×S× D2. (6)
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Since stiffness was not quite significant (note that the interaction between
stiffness and day2 is significant), the following alternative model was considered:

ln(AP) = 5.367968103+0.135496915× D-0.003329941×S× D2. (7)
Both models suggest that there is an increase in the average aggregate perimeter
over time, and that the increase is faster on weaker gels.
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Figure 5.8. Plots of the average of ln(AP) for each stiffness group. Left: The fitted lines
from the weighted least squares regression model (6) are plotted. R2= 0.669. Right: The
fitted weighted least squares regression lines from model (7) are plotted. R2= 0.658.
Discussion
The primary objective of this work was to develop a mathematical model
correlating the behavior of cancer cells to substrate stiffness. Cells were cultured in a
hydrogel test system employing agarose as a stiffness-modulating component and
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collagen or gelatin as a cell-adhesion component. Additionally, agarose serves as an inert
matrix stabilizer to prevent collagen remodeling by cells and maintain the architecture of
spatially designed constructs over long-term cell culture. Collagen/gelatin density was
kept constant in order to isolate substrate stiffness as a variable. MCF-7 cells cultured
within 3D 'weak' hydrogels formed aggregates, whereas those in 'strong' hydrogels
remained round and remained in single cell distribution over 14 days of culture.
Furthermore, cell metabolic activity tests (glucose and lactic acid measurements and
Alamar Blue assay) indicated that cells in strong gels were nearly or completely
metabolically inactive (statistically similar to acellular controls), even though
Live/Dead® assay results demonstrated that cells were alive. Since the agarose
component of the hydrogel composite is not degradable by MMPs, it is possible that pore
size was sufficiently small to limit cell motility, effectively locking cells in place in the
stronger gel. Work by Rolli and coworkers has shown that cell migration is inhibited
through microfabricated channels on the order of 10µm width or less [10]. Conversely,
in 2D culture, cells formed aggregates in all sample groups, further demonstrating the
effect of matrix pore size in limiting cell migration and growth in 3D while having
negligible effect in 2D culture. Decoupling of matrix pore size and stiffness is a
complicating factor in modeling cell behavior as a function of substrate stiffness in 3D
culture.
While the hydrogel system employed for the modeling and imaging work was not
a true 3D model, as cells were seeded in a monolayer on top of a hydrogel, the hydrogel
substrate selected permits independent control of surface rigidity and cell-adhesion ligand
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density. Furthermore, while the aqueous hydrogel substrate mimics the natural ECM
more closely than does a rigid, flat, anhydrous surface, the system also allows cell
migration influenced primarily by substrate stiffness and cell-adhesion ligand density
without additional complicating factors such as matrix pore size or protease-susceptibility
as in a 3D system [6, 10]. To assess the feasibility of modeling cancer cell spatial
location and morphological parameters in a 3D system, a simplified pseudo-3D system
was used instead. This improved the ability to characterize the system while still
maintaining biomimetic properties such as the gel-like, fibrillar nature of natural ECM.
Low-magnification phase contrast imaging was used to allow rapid, nondestructive measurement of cell position and morphology at 24 hour intervals. While
low-magnification imaging does not capture small intracellular and cell membrane
morphology details, there are inherent disadvantages in applying high-magnification (e.g.
200x or more) imaging to large-scale 3D cultures. First, in a 3D model, confocal
sectioning (or similar, alternative methods) is needed to remove out-of-focus cells for
quantitative imaging. Low-magnification imaging (25x total magnification was used in
this work), on the other hand, permits focus on all cells simultaneously, removing 'out-offocus' artifacts, in our pseudo-3D system (see Figure 5.9). Our previous work (data not
presented) demonstrated that MCF-7 cell aggregates in vitro may also grow to several
millimeters in size, necessitating capture and stitching of several images for
morphological measurement. Application of low-magnification imaging (e.g. 25x, as
used here), conversely, allows rapid collection of data across spatially large samples
without confocal sectioning (dependent on the depth of focus of the widefield objective
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and the thickness of the sample). Provision of visual landmarks on each sample (such as
a marker dot, see Figure 5.4, or the circular boundary of a cell culture plate well, see
Figure 5.9 below) permits the application of an absolute x-y coordinate system for
tracking cell position over time.

Figure 5.9. Live/Dead® image of MCF-7 cells in hydrogel showing stitched (panorama)
image of entire cell culture plate well (24 well plate). 25X total magnification. Left –
original live cell (Calcein AM) image. Right – Processed image allows cell aggregate
counting and quantitative morphological evaluation. The boundary of the well can be
used for positional measurement.
The requirements for a successful 3D cancer test system include the capacity for
non-destructive, long-term quantitative data collection of cell behavior, both spatially and
temporally. Phase contrast imaging was selected so that toxic fluorescent cell dyes could
be avoided. Previous tests (see Chapter 4) have demonstrated that long-term (e.g. longer
than two weeks) fluorescent marking of MCF-7 cells is ineffective, presumably due to
rapid cell division and dye dilution. Long term dyes such as Cell Tracker and
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carboxyfluorescein diacetate, succinimidyl ester (Invitrogen) are insufficient for labeling
rapidly dividing MCF-7 cells for more than a few days. Additionally, short-retention
dyes were examined, such as Calcein AM and 5-carboxyfluorescein diacetate,
acetoxymethyl ester (CFDA-AM) (Invitrogen); however, the quick leaching of these dyes
into the hydrogel substrate caused increased background fluorescence and prevented
quantitative image processing. Phase contrast imaging was selected as an alternative to
overcome these drawbacks and allowed strong cell boundary identification via automated
image processing. However, after approximately 10 days of culture, individual MCF-7
aggregates tended to form multi-aggregate clusters – image processing techniques
performed at these time points did not allow distinction between individual aggregates
and clusters of aggregates (see Figure 5.4). It should be noted that composite hydrogels
in this study substituted gelatin for collagen in order to increase the stiffness variation.
However, because gelatin melts at body temperature, it may have been leached from the
hydrogel over the course of the experiment, slowly reducing the cell-adhesion ligand
density, causing aggregates to adhere to each other preferentially and increasing the
occurrence of multi-aggregate clusters. Replacement of gelatin with collagen to reduce
unnatural aggregate clumping and/or improved image processing techniques may
improve the functionality of phase-contrast based non-destructive imaging. Alternatively,
transfection of MCF-7 cells to express a fluorescent protein (e.g. GFP) can be performed
[11, 12] to circumvent the dilution of long-term dyes and the background fluorescence
and toxicity of repeatedly-applied dyes.
Although culture medium exchange introduces variables such as rapidly changing
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biomolecule concentrations and cell displacement due to handling and fluid shear,
mathematical models show increasing aggregate coverage area, decreasing aggregate
number, and increasing average aggregate size and perimeter, over time. The low range
of gel compositions useable for mathematical modeling may have contributed to the
absence of a correlation between hydrogel composition (stiffness) and cell morphological
parameters. Uncontrolled parameters (cells sinking through weak hydrogels and
presenting an unmeasured loss of cells over time) necessitated focusing mathematical
modeling work on the narrow ranges of 1% to 1.5% agarose, in which all cells appeared
to be in a monolayer on top of the gel. Additionally, the low sample number for this
preliminary work, and cellular displacement due to medium changes, may have also
masked gel stiffness-based changes in cell morphology.
Nonetheless, stiffness did appear to influence the average aggregate perimeter,
with the perimeter increasing over time, at a faster rate on weaker gels. Results in the
literature show that traditional 2D substrates, with higher surface stiffness, stimulate
increased cell migration [10, 13] and likely perimeter [13]. The faster increase in
perimeter in weaker gels in our work with soft, compliant hydrogel composites is not
surprising, however. Work by Ulrich and coworkers [14] demonstrated an agarose-based
inhibition of cell attachment to collagen in collagen:agarose composite gels. In Ulrich’s
work, an increase in agarose strength in composite gels caused an increase in gel stiffness
but, in contrast to previous reports, caused decreased cell attachment and migration of
surface-seeded cells. It was found that increased agarose content reduces the potential for
cell interaction with the collagen component. When the collagen was crosslinked, cell
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migration was restored and attachment was stronger on higher agarose-content gels.
Gelatin, is a collagen-derived product, suggesting that one might similarly expect greater
cell attachment and spreading, and thus, higher aggregate perimeter, on weaker
gelatin:agarose gels. Despite the suggestion of similar cell behaviors in weaker gels
versus stronger gels, monolayer culture and 3D culture show markedly different overall
results. The strongly differing effect of stiffness on aggregate formation in monolayer
versus 3D is likely due to the different experimental setups, reinforcing the point that not
only stiffness, but also spatial configuration, are integral modulators of cell behavior.

Conclusions
This proof-of-principle work demonstrated the possibility of using image
processing and mathematical modeling to describe 2D and 'pseudo-3D' cancer systems in
a non-destructive and spatio-temporal manner. However, translation of the model into a
completely 3D system will require measurement of additional parameters. While surface
rigidity (stiffness) and cell-adhesion ligand density are sufficient to describe cell
migration effects in 2D [10], the migration of cells through 3D matrices can be defined
by the matrix stiffness, porosity/density, and protease degradability, as well as celladhesion ligand density [14].
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CHAPTER 6
QUANTITATIVE IMAGING OF CANCER CELLS ON A SUBSTRATE WITH A
MECHANICAL STIFFNESS GRADIENT

Background
Literature reports suggest that there is a correlation between cancer cell behavior
and substrate stiffness, but the exact nature of this relationship is unknown [1, 2].
Previous experiments (see Chapter 5) have suggested differing cancer cell behavior on
hydrogel substrates with differing mechanical properties. However, the response of cells
to a physiological mechanical stiffness gradient (as may occur between a stiff tumor
region and a less-stiff region distant from it [1, 2]) cannot be gleaned from a test system
with uniform mechanical properties. In this work, hydrogels were prepared with spatially
non-uniform mechanical properties to simulate a tumor region adjacent to healthy tissue.
Spatial, quantitative imaging techniques were used to correlate cell behavior and growth
to spatially controlled substrate mechanical properties.
Cell migration can be influenced by many factors, including chemical gradients
(chemotaxis), but also by variations in substrate mechanical properties [1, 2]. Since
tumor cell migration has also been correlated with changes in extracellular matrix (ECM)
stiffness [3, 4], spatial control of substrate stiffness is necessary in developing a 3D
cancer test system. While the objective of this work was to analyze cell migration, the
imaging techniques employed (see Chapters 4 and 5) cannot differentiate between cell
migration and proliferation. The compound 5-Fluorouracil (5-FU) is an anti-cancer drug
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which inhibits the proliferation of rapidly dividing cells (including, but not limited to,
cancer cells) [5]. Anti-cancer drugs, such as 5-Fluorouracil, may be of use in
experimental controls of in vitro cancer test systems to permit differentiation between cell
migration and cell proliferation with quantitative microscope imaging techniques.
In addition to having tunable bulk gel stiffness, a hydrogel matrix must allow
sufficient cell adhesion so that cells can migrate [6, 7], and so that replenishment of
medium and other handling will not disturb cell positions and invalidate cell positional
data gathered via imaging. The end goal of this experimental work was to apply
developed techniques for spatial imaging to hydrogel substrates with spatially controlled,
non-uniform stiffness, to help gain insights into the relationship between cancer biology
and extracellular matrix properties. This work also used these techniques to look at one
cell type (mesenchymal stem cells (MSC)) implicated in a synergistic relationship with
cancer cells [8]. Imaging techniques were used to spatially assess the growth and
migration of MSCs and cancer cells in hydrogel substrates with a mechanical stiffness
gradient.

Methods
Design considerations for a 3D cancer test system model with spatially controlled
stiffness
Previous tests correlating cell behavior to substrate stiffness did not include spatial
stiffness variations (see Chapter 5), making it impossible to determine cell behavior as a
function of physiologically relevant stiffness gradients. Several methods were examined
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to allow spatial control over substrate stiffness. The methods considered are shown in
Table 6.1.

Binary stiffness hydrogel
The first method tested for the production of a stiffness gradient was termed the
'Binary Stiffness Hydrogel'. In this method, a teflon ring was aligned within the center of
a well of a commercially available cell culture well plate. A hydrogel was cast on the
inside of the ring and allowed to solidify. Then the ring was removed and a hydrogel
with a different stiffness cast on the outside. In this experiment, human breast cancer
MCF7 cells (ATCC; Manassas, VA) were encapsulated within an agarose hydrogel. Cells
were labeled with Cell Tracker Red (Invitrogen, item # C34552; Carlsbad, California.).
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First, teflon rings (22.1mm outer diameter and 18.5mm inner diameter) were placed in
the center of the wells of 6-well cell culture plates (Costar; Lowell, MA). MCF7 cells
were mixed with 540µL of agarose (type VII-A, low gelling temperature, Sigma Aldrich,
St. Louis, MO) at a concentration of 1x106 cells/mL and the cellular hydrogel was cast
into the space inside the teflon ring (hydrogel A in Table 6.1 – Binary Stiffness
Hydrogel). After solidification of the hydrogel (30 minutes at room temperature), the
teflon ring was removed and an agarose hydrogel of equivalent thickness (1130µL) was
cast in the outside region (hydrogel B in Table 6.1 – Binary Stiffness Hydrogel). Three
sample groups were created. The strength of each agarose gel (hydrogels A and B) was
modulated to control stiffness. In group 1, A = 0.5% w/v agarose, B = 2% w/v agarose;
in group 2, A = 2% agarose, B = 0.5% agarose; in group 3, A = 2% agarose, B = 2%
agarose. Sample size was n=2 per group.
Additionally, MCF7 cells were cultured on top of binary stiffness hydrogels. In
this experiment, cell placement was not localized to a single hydrogel region (gel A or B).
Hydrogels used in this experiment were agarose:collagen composites consisting of 45%
volume of collagen solution (3mg/mL PureCol bovine Type I; Advanced Biomatrix; San
Diego, CA), 45% volume of agarose (Sigma Aldrich) in phosphate buffered saline (PBS),
and 10% volume of collagen reconstitution buffer. Collagen reconstitution buffer was
used to bring the collagen solution to physiological pH to cause gelation. It comprised a
cocktail of 0.477g HEPES buffer (cat# BP310, Fisher Scientific; Waltham, MA), 0.22g
NaHCO3 (cat# S233, Fisher Scientific) in 10mL deionized water. This experiment
included three sample groups with n=3 each. The agarose gel strength was modulated to
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control stiffness, while the collagen volume was kept constant. In group 1, A = 0.5% w/v
agarose, B = 2% w/v agarose; in group 2, A = 2% agarose, B = 0.5% agarose; in group 3,
A = 2% agarose, B = 2% agarose. Teflon rings of 15.1mm outer diameter and 8.9mm
inner diameter were positioned in the center of wells of 12-well cell culture plates
(Costar). First, 62µL of an agarose:collagen hydrogel mixture was cast into the center of
the teflon ring. Following gel solidification (30 minutes at room temperature), the ring
was removed and 321µL (equivalent gel thickness) of hydrogel solution was cast into the
outer portion. Following gel solidification (30 minutes at room temperature), gels were
maintained in a cell culture incubator overnight at 37ºC and 5% CO2. MCF7 cells were
added at a concentration of 1x105 cells in 383µL Dulbecco's Modified Eagle’s Medium
(DMEM) (high glucose; Gibco, Langley, OK). DMEM was supplemented with 10%
fetal bovine serum (Mediatech Cellgro; Manassas, VA) at 50mL per 500mL, fungizone
(Gibco) at 1mL per 500mL, and antibiotic-antimycotic (Gibco) at 5mL per 500mL.
Samples were imaged daily with an inverted microscope (Zeiss Axiovert 135; Zeiss; New
York City, NY) with CCD camera (Jenoptik ProgRes C10plus; Jenoptik, Jena, Germany)
for 14 days to observe differential cell behavior at the interface of hydrogel regions A and
B.

Mechanical compression testing of hydrogels
In order to model the effects of substrate stiffness on cancer cell migration and
cell aggregate morphology in a 3D hydrogel system, it was necessary to establish a
reliable method for measuring hydrogel mechanical properties. Compression indentation
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testing was selected to determine whether hydrogel stiffness could be reliably measured.
Measurement was performed using an Instron model 5944 with a 50N load cell (Instron;
Norwood, MA). Agarose hydrogels (type VII-A, low gelling temperature; Sigma
Aldrich) were cast into tissue culture treated 12-well plates (Costar) to form gels of
22.1mm diameter x 4mm thickness. Hydrogels were equilibrated in distilled water
overnight and water was aspirated immediately prior to testing. Control samples were
also prepared to test the validity of using solid material testing procedures on weak
hydrogels. The control was a gel paste poured into a 12-well plate well to form a layer
approximately 4mm thick. The paste (silicone High Vacuum Grease; Dow Corning
Corporation; Midland, MI) is high viscosity and does not retain its shape as does a
solidified agarose hydrogel. A custom-made aluminum probe with a 1.5mm diameter
circular flat tip was used for indentation. A flat tip probe was used to smooth small-scale
variations in stiffness, however it should be noted that the sharp edges of a flat tip probe
can tear soft samples. Indentation and stress relaxation testing was performed on dry
(non-immersed) samples (three samples per group) at room temperature with a loading
rate of 0.4mm/min (10% strain/min) to a total strain of 4-8%. Stress relaxation was then
performed over a 3 minute hold. These values for the strain rate and threshold were
optimized for agarose, agarose-gelatin, and agarose-collagen hydrogels over several
previous trials. Optimized strain rate and threshold were selected by the yield stresses of
the materials (all loading was performed below yield stress) and the sensitivity of the load
cell (loading rates selected for the viscoelastic materials were sufficiently high to produce
a measurable load above the sensitivity limit of the 50N load cell). Each sample was
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tested once to a total strain of 10% in series in order to determine the yield stress of the
material. Each test was performed on a distant part of the hydrogel so that no region was
compressed more than once. Elastic modulus was calculated in two ways: (1) from the
slope of the stress-strain curve from 1% to 2% strain, and (2) from the final stress value
obtained after 3 minutes of stress relaxation.

Stiffness gradient hydrogel
Next, a method was developed to produce a more physiologically relevant
hydrogel with a true stiffness gradient (versus binary stiffness hydrogels with two
discrete stiffness regions). In this work, modeling continuous stiffness gradient hydrogels
produced by Hale and coworkers [9], agarose (type VII-A, low gelling temperature;
Sigma Aldrich) was cast into a long, thin well (5mm wide x 100mm long x 1.5mm deep)
within an acrylic chamber, using 0.5% w/v agarose at one end of the chamber and 2.0%
w/v agarose at the other. The two solutions were expected to mix in the center of the well
to form a gel with a stiffness gradient. The acrylic chamber into which the agarose
solutions were cast to produce the continuous stiffness hydrogel was produced using a
laser cutting system (Versa Laser desktop series cutter; Abernethy Beck; Charlotte, NC).
Mechanical indentation tests were performed on dry (non-immersed) samples at room
temperature with an Instron model 5944 with a 50N load cell (Instron) at 10mm intervals
across the solidified hydrogel. Indentation testing was performed with a 3mm diameter
flat-tip probe at 10% strain per minute, and elastic modulus was measured from the linear
region of the stress-strain curve from 1-10% strain. A flat tip probe was selected because
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samples appeared non-uniform across the width (small axis) of the sample, presumably
due to surface tension between the gel and the well in which it was cast. A large, flat tip
probe was used to increase the contact surface area with the sample and smooth random
or small-scale variations in stiffness. However, it should be noted the sharp edges of a
flat tip probe can tear soft samples and produce errors in measurement.
To improve sample number scaling and maintenance of culture sterility, teflon
chambers were manufactured to fit within standard 6-well cell culture well plates
(Corning) (see Figure 6.1). These chambers were manufactured using the Versa Series
laser cutter (Abernethy Beck) to hold a hydrogel of 5x20mm with a stiffness gradient
along its long axis, and to accommodate microscope imaging.

Figure 6.1. Teflon chambers seated within a 6-well plate (Corning). Hydrogels were cast
at ends A and B and allowed to mix and form a gradient in the center of each chamber.
Chamber for hydrogel is 20mm long x 5mm wide x 7mm tall.
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Drug-based proliferation-inhibition
5-FU was tested to determine if it inhibited proliferation so that changes in cell
position measured by imaging could be more readily discerned with respect to migration
or proliferation. 5-FU was tested at varying concentrations of MCF7-seeded hydrogels.
Successful concentrations were those that mostly or completely inhibited proliferation
without inducing cell death or apparent toxicity (assessed by Pico Green assay and phase
contrast microscopy).
MCF7 cells were seeded on top of hydrogels in a monolayer in 24-well plates
(Costar) at a low density (1.9x104 cells/sample). The gels consisted of agarose (Sigma
Aldrich) (2%, dissolved in PBS and autoclaved) and collagen (3mg/mL PureCol bovine
Type I; Advanced Biomatrix) mixed at a 1:1 volume ratio. Gels were cast in a 380 μL
volume to form 15.6 x 2mm discs. Gels were allowed to gel at room temperature for 30
minutes, then were incubated overnight. MCF7 cells were added in 1000μL DMEM and
incubated overnight at 37ºC and 5% CO2. Subsequently, 5-Fluororuacil (Sigma Aldrich)
(dissolved in distilled water and filter-sterilized) was added to the medium at the
following concentrations (μM): 0 (control), 1, 10, 100, 1000. Additionally, a separate
sample group was used for an initial Pico Green assay to determine the number of cells
initially present. Phase contrast imaging was performed periodically to qualitatively
assess cell proliferation and morphology. After 7 days treatment of 5-FU, Pico Green
assay was performed again to assess cell growth. A sample size of three was used for all
groups in this experiment.
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Hydrogel composition testing for cellular behavior
The following work was conducted to ensure cell interaction on a hydrogel
matrix. Agarose:collagen composite hydrogel compositions were tested to ensure
adhesion and growth of both cancer (MCF7) and healthy (D1, murine mesenchymal
stem) cells. Hydrogels were composed of agarose (type VII-A, low gelling temperature;
Sigma Aldrich) dissolved in PBS (Sigma Aldrich), 3mg/mL collagen stock solution
(PureCol, bovine type I; Advanced Biomatrix), and 10% volume ratio of collagen
reconstitution buffer. Hydrogel mixtures (200uL per sample with n = 3) were cast into
48-well cell culture plates (Costar) and allowed to gel at room temperature (30 minutes)
and then incubated overnight at 37ºC and 5% CO2. Next, D1 or MCF7 cells (ATCC)
were seeded onto hydrogel surfaces at a concentration of 1x104 cells per sample and gels
were incubated for 48 hours. Subsequently, hydrogels were gently rinsed with PBS to
remove unattached cells, and microscopy was performed to qualitatively assess cell
attachment. Hydrogel compositions tested include 25:75 volume ratio of
agarose:collagen with 0.5% or 2% w/v agarose), 50:50 volume ratio of agarose:collagen
with 0.5%, 1%, or 2% w/v agarose, and 100% collagen gels (control). Additionally,
hydrogels with crosslinked collagen (as in literature [10]) were tested – these hydrogel
were composed of 50:50 volume ratio of agarose collagen with 0.5% or 2% w/v agarose.
Briefly, collagen crosslinking was performed to improve cell adhesion. Gels were
crosslinked with glutaraldehyde, and residual glutaraldehyde was removed with Lglutamic acid to minimize toxicity [10]. Microscope imaging was performed over one
week of cell culture to qualitatively assess cell adhesion and growth.
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Cellular hydrogel stiffness gradient imaging
Following validation of the imaging method for measuring cell and aggregate
position and morphology, and the method for creating a physiologically representative
hydrogel substrate with a stiffness gradient, these methods were used to quantitatively
examine the interactions of substrates with stiffness gradients on cancer cells behavior.
This experiment was performed with five sample groups of n=4 per group. The three
experimental variables were: (1) cell type – cancer cells (MCF7), or MCF7 +
mesenchymal stem cells (D1); (2) cell seeding location – uniform, or spatial (either on
left or right side of gel); hydrogel composition – with stiffness gradient (0.5% > 2%
agarose) or uniform gel (2% agarose). Sample group layout is described in Table 6.2 and
Figure 6.2.
Group

Cell Type(s)

Seeding
Hydrogel
Location
1
MCF7-Red
Side B
Gradient
2
MCF7-Red
Side A
Gradient
3
MCF7-Red
Uniform
Gradient
4
MCF7-Red
Uniform
Uniform
5
MCF7-Red + D1 Uniform
Gradient
Table 6.2 Sample groups for cellular hydrogel with stiffness gradient imaging. In all
gradient hydrogels (Groups 1-3 and 5), side A used 0.5% agarose, and side B used 2%.
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Figure 6.2. Diagram of hydrogels and cell layout. Groups 1-3, 5 use a gradient hydrogel
with side (A) left having 0.5% agarose and side B (right) having 2% agarose. Group 4
uses a uniform gel with 2% agarose.
Hydrogels were cast into rectangular chambers 5mm wide, 20mm long, and 7mm
deep (see Figure 6.1). First, the chambers, which are cut into Teflon discs using a laser
cutting system (Versa Laser desktop series cutter; Abernethy Beck) were inserted into the
wells of ultra-low-attachment 6-well culture plates (Costar). Silicone adhesive (Dow
Corning / DAP, Baltimore, MD) was used to secure the discs. Following glue hardening
(overnight), excess glue was removed with surgical instruments and the wells were rinsed
with 70% ethanol. A total of 300µL of hydrogel was used in each chamber (150µL of gel
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was cast at each end, mixing in the center), creating a gel layer of roughly 3mm
thickness. Hydrogels were agarose:collagen mixtures. The collagen allows cell
attachment, and was used in a constant concentration. The agarose strength was varied to
modulate hydrogel stiffness. The agarose content was 2% w/v (stock solution, prior to
dilution with other reagents) in uniform gels, and was 0.5% w/v at the weak end and 2%
w/v at the strong end (respectively) of gradient gels (again, prior to dilution with other
reagents). The hydrogel casting and cell seeding procedure is lengthy and is described in
Appendix D. Briefly, RFP-expressing MCF-7 cells (provided by Dr. Didier Dréau, UNC
Charlotte) and D1 cells were seeded on top of hydrogels. D1 cells were labeled with
CFSE (carboxyfluorescein succinimidyl ester) fluorescent label. MCF-7 red cells were
distributed non-uniformly, when applicable (as depicted in Figure 6.2) by micropipette.
Imaging was performed by inverted microscope (Axiovert 135; Zeiss) with CCD camera
(ProgRes C10plus; Jenoptik). Images were collected every 2 days. Image processing
and analysis was performed using ImageJ Fiji software, an open-source modification of
NIH ImageJ software bundled with additional plugins. The image processing procedure,
which contains operations performed with this software package, is described in the
Appendix E.
Mechanical compression indentation testing was performed on separate hydrogel
samples to confirm the presence of a stiffness gradient across hydrogels. Measurement
was performed using an Instron model 5944 with a 50N load cell. Samples were tested at
room temperature at five points across the 20mm length of the hydrogel with a flat tip,
3mm diameter probe. Similarly to previous gradient gel compression testing, a large, flat
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tip probe was used to smooth random or small-scale variations in stiffness and to increase
measurement sensitivity. To reduce sample tearing by the sharp probe edges, samples
were immersed in PBS during imaging. Samples were indented up to 0.2mm (6.67%
strain) with a preload of 0.005N and a rate of 0.2mm/min (6.67% strain/min). Elastic
modulus was calculated from the linear 1-6% strain region.

Results
Binary stiffness hydrogel
Figure 6.3 shows cells encapsulated in the center hydrogel using this method.

Figure 6.3. MCF-7 cells encapsulated within an agarose hydrogel disc (lower left region
of image) surrounded by an agarose hydrogel ring of different stiffness (upper right
region of image). Cells were labeled with Cell Tracker Red (Invitrogen, item # C34552).
While hydrogels were tested under three conditions (stiffness A > B, A < B, and A = B,
where A = the inner, cellular hydrogel, and B = the outer, acellular hydrogel), migration
of cells was not observed in any case. Image shown is 1 day post-cell seeding; outer gel
is 0.5% agarose and inner gel is 2% agarose.
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Figure 6.4. MCF-7 cells seeded on top of an agarose:collagen binary hydrogel disc (left
side of image = 0.5% w/v agarose, right side = 2% w/v agarose). Many samples
displayed striking differences in cell density and morphology as in this image – however,
no migration or significant cell activity at the interface between the two gels was
observed. Image shown is 25x magnification and after 14 days of culture.
Mechanical compression testing of hydrogels
Indentation compression data for agarose gels of different strengths, and viscous
fluid control is shown in Figure 6.5.
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Figure 6.5. Stress-strain curves (left) and stress relaxation data (right) for agarose
hydrogels and vacuum grease control. Each curve represents each of three total samples.
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The elastic modulus was calculated from both the stress-strain curve and from the
stress relaxation data. This data is shown below in Figure 6.6 and in Table 6.3.

Figure 6.6. Average elastic modulus for each sample group (% agarose or vacuum
grease). Error bars represent one standard deviation (n=3).

Group

Modulus (kPa)
Stress Relaxation

Modulus (kPa)
1-2% strain

0.5% agarose

7.35 +/- 2.11

1.1 +/- 7.57

1.0% agarose

54.98 +/- 7.98

134.56 +/- 101.92

2.0% agarose

47.19 +/- 6.86

127.68 +/- 21.69

3.0% agarose

225.13 +/- 6.67

500.65 +/- 67.02

Vacuum grease -0.19 +/- 0.17
N/A
Table 6.3. Average elastic modulus for each sample group (% agarose or vacuum grease)
+/- one standard deviation (n=3).
Stiffness gradient hydrogel
Compressive indentation test results for gradient agarose gels cast into 0.5cm x
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10cm chambers are shown in Figure 6.7.

Figure 6.7. Compressive modulus shown across 10cm long x 5mm wide agarose
hydrogels. The end at 0cm (left end) contained 0.5% w/v agarose. The right end (10cm)
contained 2% agarose. The two hydrogels formed a gradient in the center. Quick cooled
gels were cast at room temperature and solidified within a few minutes, resulting in a
small gradient stiffness region between two distinct hydrogels. Slow cooled gels were
kept on a hot plate to allow diffusive mixing for 30 minutes prior to cooling.
Drug-based proliferation-inhibition
The effects of 5-FU treatment at varying concentrations on MCF7 cell
morphology and growth is shown in Figures 6.8 and 6.9.
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Figure 6.8. Pico Green data for Day 7 MCF-7 cell cultures exposed to 5-FU (n=3). Cell
cultures show toxic response to 5-FU at 100 and 1000 μM (decrease in cell number,
measured by total DNA content, from Day 0 to Day 7). Cultures at 0 and 1 μM show
similar and substantial cell growth from Day 0 to Day 7. Cultures at 10μM 5-FU show
limited cell growth. Error bars represent one standard deviation.

Figure 6.9. Phase contrast images of MCF-7 cells exposed to 5-FU for 7 days (100x
total magnification). Left to right; 0 μM, 10 μM, 1000 μM. 0 μM shows normal cell
aggregate formation, which is also present in 10 μM. 1000 μM shows loss of aggregates
and widespread presence of single, disaggregated cells.

All 5-FU concentrations showed changes in cell number (by Pico Green Assay)
by Day 7, relative to Day zero numbers (without 5-FU). Concentrations of 10 μM or less
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allowed cell growth despite drug presence, whereas concentrations of 100 μM or more
caused toxic response (decrease in cell number). 5-FU concentrations of 10 μM or less
qualitatively appeared to retain healthy MCF-7 cell morphology (see Figure 6.9).

Hydrogel composition testing for cellular behavior
MCF-7 cells showed moderate attachment to all hydrogels tested, though cell
attachment decreased as collagen content was reduced. D1 cells, however, showed poor
attachment (cell loss following rinsing, and rounded rather than spread morphology) to
gels of all compositions except pure collagen gels. Crosslinking the collagen component
improved cell attachment significantly for both MCF-7 and D1 cells over long culture
periods (several days), i.e. attached cells resisted detachment due to handling (medium
exchange) in a similar manner to cells on treated tissue culture plastic.
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Figure 6.10. D1 and MCF-7 cells on 50:50 agarose:collagen gels under varying
collagen crosslinking regimes. Top – MCF-7 cells; Bottom – D1 cells. Left – Noncrosslinked gels. MCF-7 cells show typical aggregate formation and good cell
spreading. D1 cells show aggregation commonly observed with poor cell attachment.
Center – Gels crosslinked with glutaraldehyde. Rounded cell morphology for both D1
and MCF-7 cells suggest toxicity of glutaraldehyde crosslinker. Right – Gels crosslinked
with glutaraldehyde. Prior to cell seeding, residual glutaraldehyde was removed with Lglutamic acid as detailed in the literature [10]. Healthy morphology was observed for
MCF-7 cells. D1 cells still showed toxic reaction. Total magnification is 25x for left
images and 100x for center and right images.
Cellular hydrogel stiffness gradient imaging
Qualitatively, processed images maintained a strong spatial alignment over time
and depicted the temporal growth of cells over the 2 week study. In Groups 1 and 2, cell
populations were largely constrained to the spatial region of cell seeding (except in one
sample from Group 1, not shown). Processed images for cell density analysis retained
strong fidelity – that is, regions which appeared to have cells in the original images
contained cells in binary processed images, and regions without cells in original images
also lacked cells in processed images. Samples with both D1 cells and MCF-7 cells
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(Group 5) showed localization of both cell types to generally the same sample regions.
Image processing techniques successfully allowed simultaneous spatial comparison of
both cell types. Group 5 was omitted from further data analysis, however, because D1
image processing was poor in some images, and cell detachment occurred for most
samples, leaving only one viable sample at the conclusion of the experiment. Qualitative
example images demonstrate temporal cell growth (Figure 6.11) and simultaneous cell
density mapping of D1 and MCF-7 cells in Group 5 (Figure 6.12).
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Figure 6.11. Example images depicting temporal changes in cell growth over duration of
the study. Sample shown is from Group 2. Images (top to bottom) are: Day 2, Day 4,
Day 6, Day 8, Day 10, Day 12, and Day 14. Left – Black and white original images
(cells shown in white). Right – processed images which are used to quantitatively
measure cell density (cells shown in black). Cell growth and spreading can be visually
observed over time at the left side of the gel where cells were deposited.
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Figure 6.12. Example merged image from Group 5, showing both D1 and MCF-7 cells.
Shown is Day 6. MCF-7 cells are shown in red, D1 cells in green, and areas where both
cells types are present in yellow. Note that, in this group, only one sample retained
attached cells by Day 14, D1 images often had poor contrast and many could not be
processed to perform quantitative measurements on cells.

The change in cell density was plotted versus position over time (Day 14 minus
Day 2). This plot was constructed to assess the detachment of cells, which qualitatively
appeared to occur over time, due to routine rinsing and culture medium replenishment.
This data is shown in Figure 6.13. Over the 14 day study, Group 4 lost cells over time in
the center of the hydrogel. In all groups (1, 2, and 4) an increase in cell density was
observed at the ends of the hydrogel in which cells were seeded.
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Figure 6.13. Change in spatial relative cell density from Day 2 to Day 14. Length along
the sample is shown on the horizontal axis. Group 2 data is inverted along this axis (i.e.
such that cells appear along left side of the gel) for ease of comparison to other groups.
Relative cell density is shown in the horizontal axis such that each unit represents one
pixel in that column containing a cell/part of a cell. Positive values indicate cell growth
and negative cell loss. In Groups 1 and 2, cell growth is seen in the region where cells
were deposited (left side of graph), with less growth further from the site of deposition. In
Group 4, cell growth is observed at both ends of the gel, while cells detachment likely
caused the cell loss in the center.

Cell growth shown in Figure 6.13 does not consider migration of cells from the point of
deposition. For each sample, the spatial cell densities were compared for Day 14 versus
Day 2 in order to examine potential directional migration or growth of cells. This data is
shown in Figure 6.14.
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Figure 6.14. Changes in cell density between Day 2 and Day 14 for each sample
(Groups 1, 2, and 4). Cell density is shown as a function of position within the sample.
For comparison purposes, data was transformed such that cells appear on the left side
(x=0) of the sample in Group 1, to match Group 2. No transformation was conducted for
Groups 2 or 4. Locations of cell migration were estimated from regions where a cell
density peak moves positionally along the x-axis from Day 2 to Day 14. Example regions
of potential cell migration are circled in red.

The change in cell coverage area over time (see Figure 6.13) was analyzed for
each measurement time point (every 2 days) to quantify the rates of cell growth or loss
between Groups. Cell density is spatially summed over the entirety of each sample and
represented as a percent coverage area (the surface area fraction of the sample which is
covered by cells). This data is shown in Figures 6.15 and 6.16.
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Figure 6.15. Growth of cells summed across entire samples. Shown as Coverage Area
(% of entire sample which is covered by cells) at each measurement time point. Data
shown is average of each group (n=3). Groups 1 and 2 show increases in Coverage Area
until approximately Day 8, then show little or no change. Group 4 shows loss of cells
from Day 4 to Day 8. Error bars represent one standard deviation.

Figure 6.16. Change in coverage area over time for the region in which cells were
seeded. A 7mm region at the end of each sample in which cells were seeded was
analyzed for changes in coverage area over time in Groups 1 and 2. Both groups show
cell growth in this region over time, but no statistical differences were observed between
groups, n=3 (p=0.05).
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Mechanical indentation compression testing was performed on separate acellular
samples under hydrated conditions at room temperature. The results of this test are
shown below in Figure 6.17.

Figure 6.17. Compressive modulus measured from the linear 1-6% strain region on
stiffness gradient agarose:collagen hydrogel samples, n=3. Modulus was measured at
five points per sample, from end A (0.5% agarose) to end B (2% agarose). Error bars
(standard deviation) indicate high variability but a general tendency toward low modulus
at end A and a higher modulus at end B (with possible edge effects at end B).

Discussion
While simple, the binary stiffness hydrogel method (see Table 6.1) is non-ideal in
that only cells near the interface between the stiff and weak hydrogel regions may detect
a stiffness gradient and respond. Cell migration is still difficult to ensure when casting
two separate gel regions, as surface tension effects have been observed to
produce ’ridges‘ of hydrogel at the interface between two gels – this may cause cells and
medium to pool away from the interface. While cell migration was not seen at the
interface between the two hydrogels of differing stiffness (see Figures 6.3 and 6.4), the
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results do suggest that it is possible to both create and visualize a binary stiffness
hydrogel. Nonetheless, this system with two spatially separate regions of instantaneously
differing stiffness may not be as physiologically relevant as a system in which substrate
stiffness changes gradually.
Cooling rate can be used to control the development of the continuous stiffness
gradient (see Table 6.1) between the two hydrogel regions for thermally-gelling
hydrogels (see Figure 6.7). Controlled cooling is an ideal method of producing a
hydrogel substrate with a stiffness gradient, since a continuous stiffness gradient may be
more physiologically relevant than a composite made of discrete regions of hydrogel of
varying stiffness. Additionally, unless individual units in discrete stiffness gradient
hydrogels are very small, they may mask effects of stiffness on migration capacity. For
example, only cells seeded near the interface between two gel regions of differing
stiffness may detect a stiffness gradient and have a preferred migration direction.
Mechanical indentation testing on hydrogels demonstrated expected results
(greater stiffness in stronger agarose gels). The high degree of noise in the stress-strain
and stress relaxation data for the 0.5% agarose gel suggests that the strength of this gel
may be close to the sensitivity limit of the load cell (see Figure 6.5). The low hold strain
(below 10%) for some samples (two of the 0.5% samples and one of the 1% samples)
further suggests a sensitivity limit. While the threshold load was set at 0.0005N, these
samples presumably experienced significant compression before a load greater than the
threshold was experienced. However, the sensitivity of the load cell was not great
enough to decrease the threshold below approximately 0.0005N. These drastic
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differences in 'perceived' strain between samples may account for the high variability in
the elastic modulus derived from stress-strain data relative to that from the stress
relaxation data. Significant indentation (several hundred micrometers) occurred in
vacuum grease samples before the threshold was exceeded – because of this, it was
difficult to interpret a true 1-2% strain region, so elastic modulus was not calculated from
the stress-strain curve of vacuum grease samples. Literature values for the elastic
modulus of moisture-equilibrated agarose hydrogel at room temperature are around 1030kPa for 2% agarose [11-13]. Values obtained here are five to ten times higher than
literature values, though differences in experiment temperature (room temperature versus
body temperature) and agarose source could account for some of the variation. Elastic
moduli derived from stress relaxation data are closer to literature values than that from
stress-strain curves, in addition to having much lower variability. While it is difficult to
interpret a difference between a weak hydrogel (e.g. 0.5% agarose) and a viscous fluid
(e.g. vacuum grease) by stress-strain data alone, stress relaxation data clearly indicates a
zero or near-zero modulus for vacuum grease, indicating complete relaxation and no
residual stress. Detectable residual stress did remain in even the 0.5% agarose hydrogel
after 3 minutes of relaxation. Measurement of elastic modulus by stress relaxation data
has the potential to differentiate between weak hydrogels and viscous fluids. However,
longer stress relaxation tests will need to be performed to confirm this point.
The objective of this work was to expand cancer test system development (see
Chapter 5) and imaging methods (see Chapters 4 and 5) to account for spatial
inhomogeneity that may occur in the body. Imaging methods successfully allowed
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quantification of cell morphology (though morphology was not used in the experiments
described in this chapter) and spatial density over time. Imaging techniques showed good
fidelity in providing a coordinate system to measure changes in cell density over time
(see Figure 6.11). These techniques facilitated non-destructive, quantitative imaging of
large-scale systems (samples imaged in this test were roughly 100mm2 surface area) with
high spatial resolution (approximately 2.6µm, as determined by image capture CCD
camera resolution).
In this study, hydrogel substrates with varying mechanical gradient properties
were seeded with cells in spatially defined regions to examine the effects of stiffness
gradients on migration and growth of cells. In preliminary testing, routine handling
(medium exchange and rinsing prior to fluorescence imaging) caused cell detachment
over time. Reports in the literature indicate that the agarose in agarose:collagen
composite matrices interferes with cell interaction with the collagen in an agaroseconcentration dependent manner – crosslinking the collagen or degrading the agarose was
shown to reverse this effect [10]. Collagen crosslinking was performed to improve cell
adhesion, however cell detachment still occurred within many samples. Groups in which
cells were seeded spatially (Groups 1 and 2) showed minimal or no cell detachment over
time, whereas groups with uniformly seeded cells lost all or most of their cells by the end
of the study. Since spatially seeded cells were added in a very small medium volume to a
dry hydrogel surface, whereas uniformly-distributed cells were added to a hydrated gel in
bulk medium, it is possible that the hydration state of the gel surface influenced the
strength of cell adhesion. Due to poor cell attachment in some groups, quantitative
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analyses were limited to Groups 1, 2, and 4. Cell growth was observed for cells in all
groups, but no statistical differences were observed for cells cultured on the weak side of
a gradient hydrogel (Group 2) versus the stiff side (Group 1). A larger sample size may
reveal significant effects. The method used to produce mechanical gradient hydrogels
was somewhat inconsistent, and could be improved. While a suggestion of the expected
elastic modulus gradient was shown (see Figure 6.17), variability was high and these
results were not statistically significant. Additionally, the application of cytotoxic
chemicals in hydrogel processing (glutaraldehyde and L-glutamic acid to remove residual
glutaraldehyde) may have contributed to gradual cell detachment. No steps were taken to
confirm complete removal of glutaraldehyde in this study, although preliminary tests
demonstrated strong cell attachment on crosslinked gels treated with L-glutamic acid
versus untreated gels (see Figure 6.10). L-glutamic acid accumulated in hydrogels,
necessitating long rinsing steps to neutralize the gel pH. In some instances, acid may
remain in the gels or in glue adhering the teflon inserts into the well plates many days
into the study as indicated by unexpected yellow or orange coloration of the phenol red
indicator in the cell culture medium. This acidity increase may also have contributed to
gradual cell detachment.
Literature has shown that, in two-dimensional cell cultures, cell adhesion is
stronger on stiff surfaces than on more compliant surfaces [3]. Experimental work here
was performed with a relatively weak substrate that may be more physiologically relevant
than conventional stiff culture surfaces (e.g. coated polystyrene). Mechanical testing
performed on these substrates (see Figure 6.17) indicated that the measured elastic
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modulus of approximately 2-6kPa is within the range of tumor cell moduli from literature
(0.66-39kPa [14], 1.8-12kPa [15], approximately 2.5kPa [16]). Nonetheless, cell
behavior is different on two-dimensional surfaces than in a three-dimensional
environment [17, 18]. Two-dimensional cell culture was selected for this study of
substrate stiffness effects, since in three-dimensional culture, matrix degradability and
pore size, for example, also influence cell growth and migration [4]. However, it is
possible that substrate stiffness was too low in this experiment to allow strong cell
adhesion. Although substrate stiffness could be increased to improve cell adhesion, this
may be both physiologically irrelevant and redundant, as many other studies have already
demonstrated the influence of very stiff substrates on cell behavior in two-dimensional
culture (for example [19, 20]). Cell adhesion to the physiologically compliant substrates
used in this work could be improved to make better use of long-term, spatial imaging
techniques.

Conclusions
In conclusion, this study demonstrated the potential for developed imaging
techniques to simultaneously provide quantitative, spatial, and non-destructive cellular
information. Cell growth was spatially observed and measured on hydrogel substrates
with controlled mechanical properties, although this experiment did not suggest cell
migration or differential growth on weak (~2kPa) versus strong (~6kPa) regions of the
substrate. These methods hold promise for macro-scale measurement of cellular
parameters in tissue test systems.
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CHAPTER 7
CONCLUSIONS

Oxygen sensitive nanoparticles are preferred for spatial oxygen measurement over
point oxygen sensors. This work employed novel nanoparticulate oxygen sensors and
demonstrated that they could effectively be used for quantitative measurement with
widefield fluorescence microscopy. Cytotoxicity testing showed that the sensors were
non-cytotoxic at concentrations sufficient for imaging. A simple hypoxia model, in which
cells were suspended in a hydrogel in a capillary tube, was used to demonstrate high
spatial resolution oxygen measurement using these oxygen sensors. This study used
cellular oxygen-consumption to create an oxygen gradient, and oxygen sensors were used
to give micrometer-range resolution oxygen measurement. As expected, oxygen
consumption resulted in high oxygen near the periphery of the sample, with hypoxia
deeper into the sample. Low cell density samples showed no oxygen gradient.
In order to convert fluorescence intensity from widefield microscope images of
fluorescent oxygen sensors into absolute oxygen concentrations, it is necessary to remove
microscopy based artifacts. These include non-uniform lighting intensity across an
image, and inhomogeneities in the sample itself, such as non-uniform fluorophore
distribution, and non-uniform sample autofluorescence. Measurement of fluorescent
intensity from images without correction resulted in readily observable artifact. Two
methods were examined to correct for microscopy artifacts. First, the uneven
illumination intensity was quantified, and only regions from a small, relatively uniform
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portion of each image were used for quantification. This approach reduced, but did not
eliminate artifact, and required increased image collection and processing load. Next,
fluorescence ratio imaging was employed, in which sensor fluorescence was normalized
against a reference fluorophore. This method theoretically corrects for both uneven
illumination and sample non-uniformity, provided equivalent distribution and
photobleaching rates of both reference and sensor. This method, in practice, appeared to
remove artifact but also increased noise. An experiment in which cells were cultured in a
hydrogel with oxygen sensors in a bioreactor showed that reference correction of the
oxygen signal was necessary to observe the expected oxygen gradient – however,
absolute measurement of oxygen using a standard method, was not available to confirm
this point.
An oxygen gradient bioreactor prototype was developed for repeated microscope
imaging while maintaining sterility and control of oxygen distribution via flow rate of
oxygenated medium. The oxygen gradient bioreactor permitted both convective and
perfusive flow regimes for further control of oxygen distribution. This system was
designed to mimic cellular oxygen delivery in the body (that is, by diffusion and
convection from vasculature). Imaging methods were used to show that both prototype
bioreactors (first and second generation) developed chemical gradients dependent on flow
rate and regime as expected. Convective flow caused faster delivery of fluorescent
molecules across hydrogel scaffolds than did perfusive flow, and higher flow rates caused
faster delivery than slower flow rates.
Quantitative imaging of cellular morphology and position can be performed with

161

widefield microscopy using either phase contrast / differential interference contrast, or
fluorescence. Both methods were examined in this work. Fluorescent cell labels were
examined for long-term imaging of rapidly dividing cells, such as cancer cells. However,
long-term dyes diluted too rapidly in dividing cells, and repeated dye applications caused
fluorophore accumulation in hydrogel scaffolds, which increased background
fluorescence and prevented quantitative imaging. Cells transfected to express fluorescent
molecules (supplied by collaborators) were successful for long-term imaging. Phase
contrast imaging techniques were also developed to permit quantitative analysis of cell
number, position, and morphology.
Substrate stiffness is known to have a strong effect on cancer development,
however this relationship is not completely understood. A simple model was developed
in which cancer cells were cultured in 2D or 3D in hydrogel substrates with varied
mechanical stiffness. Phase contrast image processing (performed on 2D cultures)
showed high fidelity (that is, cells which were present in unedited microscopy images
were also present in processed images, and processed images did not reveal cells that
were not present in original images). Culture regime (2D or 3D) had a strong effect on
cell behavior. MCF-7 breast cancer cells cultured in 3D formed aggregates in weak gels
but not in strong ones, likely due to pore-sized based inhibition of cell growth and
migration. In 2D culture, cells formed aggregates in both strong and weak gels, with cell
aggregate size and total coverage area increasing, but number of aggregates decreasing,
over time. Additionally, aggregate spreading (measured by aggregate perimeter)
increased faster on weaker gels than stronger gels. This was likely caused by agarose-
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based inhibition of collagen adhesion to gelatin in the composite gels, which causes cell
adhesion to favor gels with smaller amounts of agarose.
Next, hydrogel substrates with a stiffness gradient were developed to simulate a
region with tumor cells (high stiffness) and nearby healthy tissue (low stiffness).
Quantitative imaging was used to measure cell density and coverage area on these
hydrogels as well as spatial position, to correlate cell growth with spatially-controlled
substrate stiffness. This experiment demonstrated the feasibility of microscope image
processing to allow non-destructive, high spatial resolution measurement (limited only by
the resolution the microscope CCD camera) of cellular parameters. When combined with
developed imaging techniques, this spatially-controlled cancer test system has the
potential to provide robust information about biological processes in a controllable,
repeatable, in vitro environment.
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CHAPTER 8
RECOMMENDATIONS FOR FUTURE WORK

1. Quantitative measurement from oxygen sensitive sensitive nanoparticles could be
improved. Literature has shown for fluorescence quenching sensors such as the
ones employed in this work, that hydrogel encapsulation can make sensor
response non-linear [1]. The Stern-Volmer model used in this work, which
correlates fluorescence intensity to oxygen concentration for these oxygen
quenching sensors, assumes a linear relationship between fluorescence intensity
and oxygen concentration. To more accurately calibrate these oxygen sensors, a
multi-point calibration should be performed using the Two-Site Stern Volmer
model shown below [1].

One-site (top) and two-site (bottom) Stern Volmer models. IR and IR,0 are the
ratios of the intensities of the signal to reference at the experimental oxygen
concentration [O2] and at zero oxygen concentration respectively. KSV is the
Stern Volmer quenching constant. f1 and f2 are the fractions of quenchable and
inhibited probe respectively [1].
2. Oxygen sensitive nanoparticle imaging methods should be applied to examine
hypoxia in the oxygen gradient bioreactor. Previous preliminary experiments to
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use oxygen sensitive nanoparticles in the oxygen gradient bioreactor were
unsuccessful, due to high background fluorescence which masked use of the
reference fluorophore.
3. Improvements should be made to the synthesis procedure for the in vitro cancer
test system with controllable stiffness. The currently used method was
inconsistent (high variability of where/how the gradient would form). Some
potential solutions include
o Microfabrication techniques, such as bioprinting can be used to produce
very accurate, spatially controlled substrates [2].
o When mixing and casting two hydrogel materials with a micropipette to
form a gradient at the center of a long, rectangular chamber, it is very
difficult or impossible to ensure consistent mixing between samples.
Computer-aided bead deposition can be used to create a more consistent
gradient pattern. Polylactide (PL) beads were deposited into hydrogels as
shown below. A stiffness gradient, measured by Instron mechanical
testing, was observed.

Left – PL beads printed in a gradient pattern into a hydrogel. Right –
elastic modulus measured by compression testing (Instron) (1 = left side of
gel, 5 = right side of gel) (n=1).
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4. In experiments in which cells were cultured in 2D on top of hydrogels, cell
attachment to the substrate was non-optimal. This caused dislocation of cells over
time due to routine handling (medium exchange and rinsing prior to fluorescence
imaging), which made estimation of cell migration impossible in some cases.
Some solutions to potentially improve cell attachment include:
o Using pure collagen rather than composite hydrogels (agarose:collagen or
agarose:gelatin) to reduce agarose-based inhibition of cell interaction with
collagen [3]. In this method, PL beads, for example (see above), could be
used to produce a stiffness gradient rather than agarose.
o Non-crosslinked collagen, rather than crosslinked collagen, could be used
(see Chapter 6). When collagen was crosslinked, harsh chemicals
(glutaraldehyde followed by a strong acid, L-glutamic acid, which
removes residual glutaraldehyde) was used to decrease gel cytotoxicity.
Although crosslinked gels treated with L-glutamic acid showed
significantly stronger cell attachment and growth than those without Lglutamic acid treatment, removal of L-glutamic acid from gels was also
difficult. PL beads (see above) could be used to create a stiffness gradient
to avoid agarose-based inhibition of collagen interaction in gels without
collagen crosslinking [3].
o Alternative hydrogel materials could be used. Poly(ethylene glycol) is a
widely-tunable synthetic polymer that can be treated for cell adhesion with
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RGD (Arg-Gly-Asp) peptide [4]. This could allow improved control over
both substrate stiffness and cell adhesion.
o A 3D cell culture is more physiologically relevant than a 2D culture. Twodimensional culture was selected for the ease of isolating substrate
stiffness from other related factors. A 3D cell culture will require isolation
of factors such as pore-size inhibition of cell migration and proliferation,
or protease-degradation sensitivity of the gel matrix [5]. Nonetheless,
encapsulation of cells in a hydrogel would reduce dependency on strong
adhesion to a substrate surface to prevent cells from being displaced by
routine handling.
5. Methods for ensuring the accuracy of cell image processing methods could be
improved. When developing protocols to isolate cells from image background,
scripts were used in ImageJ software to compare many small, randomly-selected,
matching regions from both the original and the processed image. This was
conducted to determine error (e.g. if cells were present in one image but not the
other). However, this process is still semi-quantitative and can be subject to bias.
A more automated comparison to an accepted standard method would be
preferred.
6. Methods for compression testing of hydrogels could be improved. The hydrogels
used in this work exhibit viscoelastic properties and could more suitably be
measured with tools designed specifically for viscoelastic measurements of soft
samples, such as Dynamic Mechancial Analysis [6].
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7. The second-generation bioreactor was used in a shear flow mode in which
solution was pumped over the surface of the hydrogel. The shear characteristics
of this fluid flow on the hydrogel (and on cell behavior) was not characterized.
Wall shear stress calculations would need to be performed prior to using the shear
flow method for quantitative analysis of cell behavior.
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Appendix A. Fluorescence Cell Image Processing and Data Collection
ImageJ (version 1.43) processing procedure:
1. Color Splitting – this removes noise by selecting only the color channel of
interest. Go to Image > Color > Split Channels. The image will be converted to
three greyscale images (red, green, and blue). All following operations should be
performed on the image with the best contrast (for example, when using a
fluorescein dye, the green channel should be selected; when using DAPI, the blue
channel should be selected).
2. Background Subtraction – Go to Process > Subtract Background. All boxes are
left unchecked except 'Light Background' if the cells are darker than the
background. The 'Rolling Ball Radius' must be specified. As this number is
increased, more noise will be removed, but some cells may also be eliminated.
This number should be set just below the size (radius, in pixels) of the objects of
interest (e.g. cells).
3. Binary – This will convert the image black and white. Go to Process > Binary >
Make Binary. The black and white image should show the cells as black against a
white background (there may be some black noise particles in the background too,
these will be eliminated later). If the colors are inverted, use Edit > Invert to
correct them (the background must be white and the cells black for the data
collection). If the original image contrast is poor, the image here may not
resemble the original image at all. If this is the case, additional steps may need to
be taken. Go back to step 2 and try the following after doing the background
subtraction but before using the Make Binary command: Manual subtraction of
background. Depending on image characteristics, background subtraction may
not completely eliminate the background. Go to Process > Math > Subtract to
subtract a set value (in the 255 color RGB scale) from the image, then convert the
image to binary again. This step can be performed iteratively until an appropriate
amount has been subtracted from the background. A good starting place is to
measure the average intensity of the image (Analyze > Set Measurements; ensure
that ‚Mean Grey Value‚ is selected. Then Select the entire image and use Analyze
> Measure. Find the ‚Mean‘ in the results window. Then use Process > Math >
Subtract to subtract this amount). If contrast is very poor and cell features have
the same intensity of the background, this image processing method may not be
applicable.
4. Noise reduction – If the original image had poor contrast, noise may be present.
To reduce the noise, objects can be filtered by size. If there is little/no noise, this
step may not be necessary. Go to Analyze > Analyze Particles. All settings are
left as default, except for the following changes:
a. Size: The minimum size is changed to a value just below the cell or cell
aggregate size (in pixels). Anything smaller than this will be removed.
The upper limit should be left at infinity. Note that if the minimum size is
too high, cells will be removed too.
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b. Circularity. This can be changed if your cells are very circular and the
noise is not. A value of 1 represents a perfect circle, and a value of 0 is a
high aspect ratio object, such as a line.
c. Show: This should be changed to Masks.
d. Additional boxes to check: 'Display Results', 'Summarize', 'Record Starts'
5. Click OK and the image will be filtered. The image titled 'Mask of [Original
Image Name]' will be the filtered one.
6. Data Collection – This final step involves the collection of data from the black
and white image produced in the processing phase.
a. Define the data to be collected. Go to Analyze > Set Measurements. The
following data will be collected in pixel units. When analyzing the
position and morphology of cell aggregates, the following have been set:
i. Area
ii. Shape Descriptors (will give Circularity, etc.)
iii. Area Fraction
iv. Centroid (will give x,y coordinate for cell)
v. Perimeter
b. Collect data. Select the entire image or a region of interest (ROI). Go to
Analyze > Analyze Particles. Use the same settings as indicated
previously in step 4, except size and circularity should not be limited ( 0Infinity and 0-1.00 respectively). The following data will be collected:
i. Individual particle data – This will be in the 'results' window. This
will give the previous information (centroid, shape descriptors,
etc.) for each particle in the image.
ii. Summary data – This will be in the 'summary' window. This will
give the total number of particles (cells), area fraction (area of the
image or selection which is covered by cells), total area covered by
cells, etc.
iii. These data can be copied and pasted into MS Excel for further
analysis.
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Appendix B. Phase Contrast Image Processing and Data Collection
See Chapter 5 for relevant experimental methods and data. ImageJ software was used to
convert phase contrast images to black and white format and to collect data from the
binary processed images. In this analysis, each isolated cellular region was referred to as
an aggregate. An aggregate could be composed of a single cell, several cells clustered
together, or multiple touching cell clusters.
One digital image was captured daily from each sample at 25x total magnification. A
marker dot on the bottom of each well was used to approximately align images taken at
successive days. Image processing and analysis were conducted with NIH ImageJ
software (version 1.42, National Institutes of Health, Bethesda, MD, U.S.). Image
processing was performed specifically to isolate cell aggregates from the background in
light microscope images. Briefly, image processing was performed as follows:
1. RGB Color split to increase contrast – kept only green channel, discarded red and
blue.
2. Flattened image illumination via Flat Fix v3 macro (written Vyts Bindokas,
University of Chicago, April 2008 and available at
http://digital.bsd.uchicago.edu/imagej_macros/flat_fix_v3.txt)
3. Used “find edges” command to highlight aggregate boundaries of phase contrast
images
4. Converted image to binary (black aggregates on white background, Figure 4)
5. Inverted the image to show cells in black against a white background.
6. Use “smooth” command (20x) – this removed small noise particles and improved
completeness of cell aggregate boundary highlighting.
7. Used particle analyzer to create a filtered image with the following parameters:
a. Limited size of particles (noise reduction) to a minimum of 10 pixels
(approx. 70μm2)
b. Employed “include holes” command to fill in center of aggregate outlines
8. Manually filled any gaps in aggregate boundaries to correct batch processing
errors for individual images
The following data were collected for each image:




size / coverage area of each aggregate
perimeter of each aggregate
total number of aggregates
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Appendix C. Improved Phase Contrast Image Processing and Data Collection
The following image processing protocol has been developed for automatic and nonbiased processing of phase contrast images. This method was developed because phase
contrast objects show differing contrast between the periphery and the interior of the
object (for example, the periphery can be light and the center dark, or vice versa). With
large objects, such as large cell aggregates, this can result in the image processing method
producing artifacts, such as translating only a portion of the perimeter of a circular cell
into the final image. In this case, a round cell may take on an empty crescent moon shape
rather than a circular shape. The following method was developed to reduce this artifact
caused by phase contrast image processing. Additionally, improvements in cell isolation
from the background have been made:
 Run Color Split – pick one color channel to keep (will depend on image
characteristics)
 Run Flat Fix v3 macro to eliminate uneven illumination effects. This is more
effective than the Subtract Background command.
o this macro was written by Vyts Bindokas, University of Chicago, April
2008 and can be obtained at
http://digital.bsd.uchicago.edu/%5Cimagej_macros.html
 Run Measure with Record Mean, then subtract the mean from the image (Process
>Math > Subtract)
 Run Make Binary
 Run Invert if necessary
 Run Analyze Particles' with any appropriate size or circularity filters
 Then, process the black and white images to fill in crescent-shaped holes in cells /
aggregates caused by the phase contrast:
o Run Binary > Erode – this will fill in holes in the image, such as those
present in a cell which only has a partial perimeter translated. This
command will need to be executed several times (5-25 times) to fill in
large holes. It will also artificially increase the size of the cell. This
process will also cause noise particles to increase in size, so they should
also be eliminated thoroughly by size and circularity filtering (see above).
o Run Binary > Dilate. This will shrink particles. This command should be
run the same number of times as erode was.
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Demonstration of empty crescent-shaped aggregate artifact produced by phase contrast
imaging. The top row of particles shows cell aggregates following image processing.
The bottom row shows the same aggregates following the erode/dilate cycles. A, B, and
C = 5, 10, and 20 cycles repsectively.

Demonstration of cells from black and white images after the erode/dilate processing
sequences. Each column displays the erode/dilate sequence executed 5 (top), 10
(middle), or 20 (bottom) times. Circles of varying sizes are shown on the left column to
demonstrate that the process makes negligible change in the size of particles, with the
exception of very small particles (see the smallest circle). Cell aggregates from
processed images are shown in the right column to demonstrate the similarity in results
regardless of the number of erode/dilate cycles.
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Appendix D. Tissue Engineered Cancer Test System – Cellular Gel Casting Protocol






Reagents
o Agarose – 2% stock solution, in phosphate buffered saline (PBS).
Autoclaved.
o 1X PBS - sterile
o 10X concentrated PBS – sterile (filtered)
o Collagen reconstitution buffer – 10mL H2O + 0.477g HEPES buffer +
0.22g NaHCO3 – sterile (filtered)
o Collagen – 3mg/mL bovine, type I (PureCol, Advanced BIomatrix)
Mixture Ratios
o Reagent mixture ratios were calculated such that the following criteria
were met
 Volume ratio of agarose to collagen = 75:25 (0.5% agarose = 2%
agarose diluted 1:3 with PBS)
 Total PBS concentration of 1X in full mixture. Note that collagen
stock solution has no buffer, so 10X PBS is added to normalize it.
 10% of total solution volume is collagen reconstitution buffer.
Protocol
1. Gel casting
a. Preheat 6-well plates containing Teflon chambers on hot plate at 50°C
b. Mix Collagen Reconstitution Buffer, 10x PBS, and 1X PBS into a
sample vial.
c. Melt agarose stock solution in microwave, then keep warm on hot
plate at approximately 50°C. Add sample vials (step 1b) to rack on hot
plate to warm.
d. Add collagen and agarose to sample vial from step b.
e. Quickly mix contents by micropipette then cast into rectangular
chamber. Cast 2% agarose at one end and 0.5% at the other,
simultaneously, allowing them to mix in center. Keep on hot plate
(50°C) for 30 minutes to allow gradient gels to mix and form a smooth
gradient.
f. Remove plates from hot plate, and allow agarose to cool at room
temperature (10 minutes).
g. Refrigerate plates (10 minutes) to complete agarose solidification.
h. Incubate gels (cell culture incubator, 5% CO2, 37C) overnight to allow
collagen to solidify.
2. Collagen crosslinking
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a. Add glutaraldehyde solution (0.2% v/v in PBS). Incubate overnight
b. Remove glutaraldehyde solution and rinse gels 3x in PBS (5 min. per
rinse). Add L-glutamic acid solution 8% w/v in 1N hydrochloric acid
(HCl). Incubate 48 hours.
c. Rinse gels 3x in PBS, then replace with excess PBS solution to clear
residual acid. Incubate overnight. Repeat this step a second time.
d. Check pH by replacing PBS with DMEM with phenol red indicator. If
excess L-glutamic acid is removed, DMEM will retain red coloration.
If L-glutamic acid remains in gel, rinse medium will become
orange/yellow. Continue rinsing until medium rinse solution remains
red.
3. Add DMEM to gel to equilibrate (2 hours).
4. Add cells on top of hydrogel.
Cell Seeding (day 0)
o MCF7 cell seeding
 Passaged MCF7-Red cells using standard MCF7-Red medium
(DMEM with AA, FBS, fungizone, insulin at 10µg/mL, and G418
sulfate at 200µg/mL). Counted cells prior to passaging, then
resuspend cells in appropriate volume such that 2uL = 1x10^5
cells.
 For cells seeded in a spatially non-uniform manner
 Using micropipette, carefully distributed 2uL cell
suspension in appropriate region of hydrogel. Incubated
4hrs. to allow cell attachment.
 Added PBS to remove unattached cells, then replaced
carefully with DMEM.
 For cells seeded in a uniform manner
 Added 5x10^5 cells in excess DMEM. Allow attachment
overnight.
o D1 cell seeding
 Prior to addition, labeled D1 cells with green fluorescing CFSE Kit
dye (Molecular Probes, cat# C34554) at 25uM (dye dissolved in
18uL DMSO – use 15uL stock per 3mL PBS).
 Following passaging, resuspended cells in 3mL PBS, add 15uL
CFSE dye. Incubate 15mins. Centrifuge, aspirate supernatant, and
resuspend in MCF7-RED DMEM. Incubate 30mins. Centrifuge,
aspirate supernatant, resuspend in MCF7-RED DMEM then count
cells.
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Add 1x10^5 cells in excess DMEM. Allow attachment overnight.
When MCF7-RED cells are used with D1 cells, add both cell types
at the same time.
Data Collection and Sample Maintenance
1. Begin imaging on day 2 (2 days after cell seeding).
2. Immediately prior to imaging, replace DMEM with PBS – this reduces
background fluorescence. Following imaging, replace PBS with fresh
MCF7-DMEM.
3. Microscope imaging performed on even numbered days
(2,4,6,8,10,12,14).
a. The entirety of each sample (20mm x 5mm) imaged by
fluorescence microscopy with digital CCD camera.
b. Images collected with 2.5x objective (25x magnification) at
3mm step size between adjacent images (roughly 45% overlap
between images). The collected ‘grid’ of images for each
sample consists of two rows of 7 images.
c. Imaging performed with TMR filter set for MCF7-Red cells
and with FITC filter set for D1 cells (when applicable).
d. Images combined (stitched) to form a single image for each
sample, then processed to isolate cells from the background
and provide data regarding cell position and morphology. All
image processing done with ImageJ Fiji.
Image Analysis
o Image processing and analysis was performed using ImageJ Fiji software,
an open-source modification of NIH ImageJ software bundled with
additional plugins. The image processing procedure, which contains
operations performed with this software package, are described in the
Appendix E.
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Appendix E. Tissue Engineered Cancer Test System – ImageJ Fiji Processing
The following procedure was used in image processing for the Tissue Engineered Cancer
Test System experiment (see Chapter 6). Images of cells were collected with a standard
FITC filter set for CFSE dyed D1 cells and a TMR filter set for MCF7-RFP expressing
cells. In this procedure, images were first processed to improve contrast and remove
backround non-uniformities. Then, images were stitched together/aligned to form a large
composite image spanning the entire 20x5mm sample. Next, images were processed to
form binary images with black cells on a white background. Finally, automated cell
density measurement was performed. All operations were performed using ImageJ Fiji
software version 2.01.
1. Image Processing for MCF7-RFP images
a. Color Splitting – this removes noise by selecting only the color channel of
interest. Go to Image > Color > Split Channels. The image will be
converted to three greyscale images (red, green, and blue). For the MCF7RFP images, all following operations were performed on the red image.
Blue and green images were discarded.
b. Crop image to a square – Select a square with height and length equal to
image height (1542 pixels) at the left side of the image, then use Image >
Crop. This was performed to aid in automated image alignment. Image
alignment via ImageJ Fiji depends on an expected interval between
overlapping images. Captured images were initially rectangular (4:3
aspect ratio) – cropping them to square (1:1 ratio) made the overlap
equivalent in both the horizontal and vertical axes as is necessary for the
software operations.
c. Background Subtraction – Go to Process > Subtract Background. All
boxes were left unchecked except 'Light Background'. The 'Rolling Ball
Radius' was set to 50 pixels.
2. Image Alignment – The entire 20x5mm sample was imaged using a 2.5x objective
(25x total magnification. A 7x2 image grid of images was collected at a 3mm step
size between adjacent images. Images were then aligned using ImageJ Fiji. Go to
Plugins > Stitching > Stitch Grid of Images. The resulting dialog box is shown
below.
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Values shown for regression threshold (0.03), Max/avg displacement
threshold (0.5), and absolute displacement threshold (1.0) were roughly
optimized for aligning images collected in this experiment. Overlap (26%)
was calculated based on image dimensions and step size.
3. Image Processing for D1 (CFSE dye) images. Image processing for MCF7-RFP
images (color splitting) could not be used for D1 images because MCF7-RFP
cells became increasingly visible in D1 images with FITC filter over time. The
presence of MC7-RFP cells could not be removed by color splitting and
discarding the red channel.
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FITC filter set showing both CFSE dyed D1 cells (green) and MCF7-RFP
cells (red/orange). 25x total magnification. Color splitting did not remove
MCF7-RFP cells from green image.
The following protocol is performed after image alignment (see step 2 above).
Since this protocol elimates much of the background and sample well etching,
image alignment can be difficult to do if images are processed prior to
alignment.
a. Invert the image – Edit > Invert. This will make the green D1 cells show
up pink/purple and the red MCF7 cells show up blue, against a light
grey/white background.
b. Run color deconvolution using present H&E DAB preset. Image > Color
> Color Deconvolution. This software used Color Deconvolution plugin
version 1.7. Select H&E DAB from the drop down menu for vectors.
Leave checkboxes unchecked. This will split the image by colors
expected for histological stains. The (Colour 2) channel should have only
pink (formerly green) D1 cells remaining against a white background.
Discard other channels.
4. Final Image Processing and Measurements
a. Make binary (invert if necessary – cells should be black on a white
background)
b. Used Analyze > Analyze Particles to measure the coverage area for each
sample.
c. Selected the entire image and used Analyze > Plot Profile to measure cell
density across the length (20mm) of each sample.
d. Data were copied to Microsoft Excel for further analysis.
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